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Abstract 
 Cell behavior is strongly influenced by the microenvironment.  In vitro studies have conclusively 
shown that chemistry, geometry, and mechanics have all been shown to influence or direct cellular 
proliferation, differentiation, and matrix formation.  However, few systems exist that allow researchers to 
study the interaction of these factors.  In this work, electrohydrodynamic jet (e-jet) printing is introduced as a 
method to pattern adhesion proteins on hydrogel substrates for cell culture.  First, a new technique to 
fabricate polyacrylamide substrates was developed and optimized.  Hydrogels were formulated with acrylic 
acid and activated with N-hydroxysuccinimide.  Protein density was shown to depend on the amount of 
acrylic acid, providing a novel way to control ligand density.  Second, e-jet was used to pattern extracellular 
matrix (ECM) proteins on activated polyacrylamide.  Protein conjugation was verified with 
immunohistochemistry, and functionality has demonstrated with cell adhesion.  Cells seeded on e-jet-
patterned substrates were cultured up to four days, growing to confluence within printed patterns without 
spreading onto non-patterned regions.  The substrates were next used to study the formation of “nodules,” 
the fundamental unit of bone formation in vitro.  Nodule structure was evaluated after four days in culture, 
and patterned substrates were shown to be compatible with traction force microscopy (TFM).  These 
represented preliminary results for a larger study to evaluate how microenvironmental stiffness and 
geometry influence cytoskeletal contractility and ultimately bone formation.  Finally, a novel method was 
introduced to pattern both stiffness and chemistry at subcellular resolution.  Polyacrylamide spots printed 
with e-jet were backfilled with a second polymer mixture to create substrates with circular microwells.  Finite 
element modeling (FEM) was used to show that microwell topography was a result of backfill contraction 
during exposure.  The FE model was then used to make predictions for further substrate design.  The 
techniques presented in this thesis represent highly flexible, high resolution methods for crafting substrates 
to study microenvironmental regulation of cell behavior.  
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Chapter 1. Background and Motivation 
1.1. Introduction 
 Our long-term motivation is to identify and understand the microenvironmental factors that 
influence bone formation, a process called “osteogenesis.”  Our approach is to fabricate in vitro 
microenvironments with precisely-controlled mechanical and chemical properties in order to study cellular 
response in vitro.  To date, a number of studies have used in vitro systems to explore these factors one at a 
time.  Chen, Killian and others have shown how controlling the adhesion geometry of cells influences several 
behaviors, but only on substrates much more rigid than human tissue.  Discher, Janmey and many others have 
described how substrate stiffness influences cell behavior, but only with randomly-adhered cells.  The 
motivation of this work was to develop in vitro platforms that enable the study of multiple interacting factors 
on cell behavior simultaneously. 
 Chapter 1 describes the process of osteogenesis and reviews previous work with in vitro systems 
designed to probe microenvironmental regulation of cells.  The chapter concludes with a description of 
electrohydrodynamic jet (e-jet) printing, a flexible micro- and nano-manufacturing platform.  Chapter 2 
describes the development and optimization of a method to prepare polyacrylamide substrates for cell 
culture that is compatible with e-jet printing.  Chapter 3 describes proof-of-concept work using e-jet to 
pattern proteins on polyacrylamide substrates.  This system is used in Chapter 4 to pattern multicellular 
structures compatible with traction force microscopy (TFM).  Chapter 5 then describes proof-of-concept work 
to pattern substrate chemistry and stiffness with e-jet printing.  Appendices with step-by-step protocols and 
supplementary information for each chapter are included at the end of the thesis. 
 
1.2. Osteogenesis 
1.2.1. cell differentiation and matrix formation in vivo 
 Bone-forming cells begin as multipotent mesenchymal stem cells (MSCs), which are maintained in a 
quiescent state within niches in bone marrow [Pittenger 1999].  When MSCs are “activated,” they leave the 
niche and travel to site of bone formation [Liu 2009].  These “pre-osteoblasts” pack into a single-layered sheet 
of cells, with bone-to-be on the basal side and, generally, marrow on the apical side.  These cells secrete 
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collagen and other proteins, organize it into a matrix, and mediate its mineralization.  A small percentage of 
these cells are embeded in the mineralizing matrix, ultimately becoming osteocytes [Bonewald 2011].  This 
progression is illustrated in Figure 1.1.  Along this continuum, researchers have identified as many as seven 
distinct stages of differentiation marked by differences in gene expression [Aubin 2008]. 
 
 
 
Figure 1.1.  (Top) Histology image of active osteoblasts a pig mandible [Lan Levengood 
2010].  (Bottom) Schematic of osteogenesis, where (a) multipotent MSCs are maintained in a 
quiescent state until “activated” to proliferate, migrate, or differentiate.  (b) Activated MSCs 
that reach the site of differentiation form a continuous sheet of osteoblasts (c).  Osteoblasts 
synthesize and organize a collagenous matrix called osteoid, then mediate its mineralization.  
A subset of osteoblasts remains embedded in this matrix to become terminally-differentiated 
osteocytes.  Cadherin illustrations based on Mbalaviele et al. 2006. 
 
 
At each stage in differentiation, the cells pass through distinct microenvironments.  MSCs begin in the 
soft, fatty bone marrow.  The marrow itself has a stiffness of .250 kPa [Winer 2009].  Osteoblasts are 
surrounded by similar cells and a stiffening matrix called osteoid.  This environment has a reported Young’s 
modulus of 25-40 kPa [Engler 2006].  The osteoid mainly consists of collagen and is the precursor to 
mineralized bone.  Osteocytes, widely-spaced and connected to each other only at the tips of long processes, 
are completely surrounded by a tissue on the order of 1-20 GPa [Guo 2008]. 
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1.2.2. nodules are the fundamental unit of bone formation in vitro 
 When osteoblasts are isolated from the body and cultured in vitro, they proliferate in a confluent 
mass and form a multicellular structure called a “nodule” [Nefussi 1997, Bellows 1986].  Where isolated cells 
are flat and widely-spread, cells in the center of nodules are tightly-packed and have a cuboidal morphology.  
The nodules eventually become multilayered structures, beneath which mineralized matrix first appears.  
Cells in the middle of the nodules express more advanced markers of osteogenesis compared with cells at the 
periphery [Pockwinse 1992, Nefussi 1997, Malaval 1999].  The mechanics of nodule formation are not well 
understood.  To our knowledge, there is no data on the minimum aggregate size or number of cells required 
to form a nodule.  The goal of Chapter 4 is to demonstrate that we can pattern osteoblasts into nodule-like 
structures on substrates that enable us to probe the mechanical interactions of cells with the substrate and 
with each other.  
1.2.3. cell lines as models for osteogenesis 
 In this work, we used three mouse-derived cell lines representing different points in differentiation.  
D1 ORL UVA cells are mesenchymal stem cells [Diduch 1993] capable of differentiating into either osteoblasts 
or adipocytes [Cui 1997].  MC3T3-E1 cells are widely-used as models of in vitro bone formation, and are 
generally referred to as “pre-osteoblasts” [Quarles 1992, Wang 1999].  The third cell line we used, MLO-A5, 
was derived by Lydia Bonewald’s laboratory as a model for late-osteoblast/early-osteocyte cells [Kato 2001].  
Where D1s and E1s require 3-4 weeks before the matrix contains mineral deposits in vitro [Diduch 1993, 
Quarles 1992], A5s require less than a week [Kato 2001].  The structure of bone is different as well.  D1 and 
E1 cells (and primary osteoblast cells) form bone under multicellular structures termed nodules [Bellows and 
Aubin 1989].  The bone formed tends to resemble woven bone.  In contrast, A5s form a thin layer of 
mineralized matrix that more closely resembles lamellar bone [Barragan-Adjemian 2006]. 
 There are a wide range of cell lines and sources for primary cells available for studying osteoblasts 
[Kartsogiannis and Ng 2004, Boskey and Roy 2008].  Cell lines have the advantage of consistent phenotype 
and long-term renewal, while primary cells are better models for the in vivo environment [Freshney 2005].  A 
major concern with the use of cell lines in mechanobiology studies is whether they, having been habituated to 
growing on 2D polystyrene, still retain the same sensitivity to microenvironmental properties as primary 
cells.  However, both D1s and E1s [Kong 2005, Khatiwala 2006, Hsiong 2008] exhibit behaviors dependent on 
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substrate stiffness.  To our knowledge, the response of the more recently-derived MLO-A5 cell line to 
substrate mechanical properties has not been studied. 
 
1.3 Hydrogels as Models for the Mechanical Microenvironment 
1.3.1 substrate stiffness as a tool to modulate cellular contractility 
 Polyacrylamide hydrogels were first employed as cell substrates by Wang and Pelham [1998] as 
substitutes for soft silicone rubber membranes [Harris 1980, Oliver 1995], which had been previously used to 
measure cell traction.  These substrates were soft enough to deform without wrinkling, easy to fabricate, and 
linear elastic.  After polyacrylamide was used to show that substrate elasticity influenced cell migration 
[Pelham and Wang 1997], several research groups at University of Pennsylvania began using it as a tool to 
study other mechanosensitive cell behaviors.  Yeung et al. [2005] demonstrated that soft substrates limited 
the ability of cells to spread or form an actin cytoskeleton.  Paszek et al. [2005] then linked the stiffness of a 
polyacrylamide substrate to actin cytoskeletal tension and showed that an increase in both caused cancer 
cells to have malignant characteristics.  They also dissected the cascade of protein signals that connect the 
two.  Shortly thereafter, a third laboratory at Penn published a widely-cited article showing that the specific 
stiffness of polyacrylamide substrates induced MSCs to differentiate into different cell types [Engler 2006]. 
 The Young’s modulus of the microenvironment ultimately influences cell behavior through 
cytoskeletal contractility [Janmey 2009, Janmey and Miller 2011, Mammoto and Ingber 2010, Vogel and 
Sheetz 2006, Vogel and Sheetz 2009, Wozniak and Chen 2009].  When a cell adheres to the extracellular 
matrix, myosin II ratchets tension into actin fibers, and the cell exerts traction that must be balanced through 
its adhesions to the matrix.  This contractility is called “prestress” [Wang 2002].  Soft environments limit 
contractility through Newton’s Third Law of Motion: any force within the cell must be balanced by an equal 
and opposite force outside of the cell.  Substrate stiffness and contractility were linked by Solon et al. [2007], 
who showed that the Young’s modulus of a cell was maximally limited to the Young’s modulus of the 
substrate to which it was attached. 
1.3.2 substrate stiffness and osteogenesis 
 A growing body of research has shown that matrix elasticity directs the behavior of osteoblasts and 
their precursors, at least in the earliest stages of osteogenesis [Engler 2006, Winer 2009, Hsiong 2008, 
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Huebsch 2010, Rowlands 2008].  Winer et al. [2009] showed that stiff hydrogels induced MSCs to proliferate, 
while softer substrates (matching marrow) kept the same cells in a quiescent state.  In the landmark study by 
Engler et al. [2006], MSCs expressed a transcription factor unique to osteoblasts on hydrogels with stiffness 
that matched osteoid (25-40 kPa).  Research looking at later markers of osteogenesis is contradictory.  A 
handful of studies posited that bone forms most efficiently in stiffer environments [Khatiwala 2006,  
Khatiwala 2006, Chatterjee 2010], while others said the opposite [Kong 2005, Keogh 2010]. 
 
 
Figure 1.2.  Graphical summary of research connecting osteogenesis to substrate stiffness 
based on hydrogel substrates cultured in vitro.  Scale shows Young’s modulus on a log scale 
with values from tissues and conventional cell culture materials.  Dotted lines indicate 3D 
environments. 
 
A number of factors could be responsible for the discrepancies in the studies above, but we 
hypothesized that the biggest issue is the lack of focus on cell-cell adhesions.  Study of early differentiation 
markers, including the seminal paper by Engler et al. [2006], relied entirely on sparsely-distributed or 
isolated cells that were often treated with drugs to prevent proliferation.  Studies looking at later markers 
required confluent cell layers.  As explained in section 1.2.2, confluence is required for nodule formation.  
Cells at confluence and within a nodule likely depend on their neighbors for mechanical support as much as, if 
not more than, the matrix below them.  This transition is understudied, though in an early paper on the 
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influence of substrate stiffness on endothelial cells, Yeung et al. [2005] made one comment: once cells 
reached confluence, they all adopted the same morphology regardless of substrate stiffness. 
We hypothesized that if cell contractility is important in middle and later stages of osteogenesis, 
osteoblasts must shift from integrin to cadherin adhesions to maintain it, and that such a shift is critical for 
nodule formation and ultimately mineralized matrix deposition.  By patterning small groups of cells on soft 
substrates, we would be able to determine how many cells are required for this process, and we could further 
use traction force microscopy to quantify any changes in contractility during this process.  In order to be able 
to address this, we needed to develop methods to pattern adhesion ligands on soft substrates.  The focus of 
this thesis was to develop novel and flexible methods to create these in vitro microenvironments. 
 
1.4 Polyacrylamide Functionalization Chemistry 
 Polyacrylamide is naturally resistant to protein adsorption, so researchers typically seek to 
covalently attach adhesion ligands to substrates used for cell culture.  For a comprehensive review of these 
methods, see Kandow et al. [2007].  The most widely-adopted technique involves a heterobifunctional 
crosslinker called N-sulfosuccinimidyl-6-(4’-azino-2’-nitrophenylamino) hexanoate (sulfo-SANPAH).  See 
Aratyn Schaus et al. [2010] and Tse and Engler [2010] for thorough protocols.  Chapter 2 describes the 
development and optimization of an alternative method that is lower cost and compatible with protein 
patterning methods described later. 
1.4.1. polymerization and functionalization with sulfo-SANPAH 
Polyacrylamide forms a mesh with pores 1-100 nm in size [Trappmann 2012].  The pore size, and 
therefore the Young’s modulus, depend on the concentration of acrylamide monomer (AAm), which forms the 
backbone of the polymer, and N,N’-methylenebisacrylamide (bis), a crosslinker [Kandow 2007].  Increasing 
the concentration of either results in a stiffer polymer and smaller pore size [Boudou 2006].  Polymerization 
is typically initiated by adding 10 wt.% ammonium persulfate (APS) and tetramethylenediamine (TEMED).  
When APS and TEMED are added at 1/200 vol. and 1/1000 vol., respectively, polymerization takes 
approximately 30 min [Kandow 2007].  Increasing the concentration of APS and TEMED results in faster 
polymerization times.  The process is illustrated in Figure 1.3. 
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Figure 1.3.  Thermal polymerization of polyacrylamide, adapted from Kandow et al. 2007. 
 
 Polyacrylamide substrates are typically activated by placing a droplet of sulfo-SANPAH 
solution on each hydrogel and exposing the surface to UV light.  Sulfo-SANPAH is a heterobifunctional 
crosslinker [Thermo Scientific].  A nitrophenyl azide group at one end is activated upon exposure, 
becoming a free radical capable of forming a covalent bond with a wide range of materials 
[Hermanson 2008] including acrylamide.  The opposite end of the crosslinker contains an N-
hydroxysuccinimide (NHS) group, which can react to amine groups (-NH2) on proteins [Hermanson 
2008]. 
 Sulfo-SANPAH has a number of drawbacks including high cost, the addition of non-aqueous 
solvents, difficulty in reproducibly controlling the power of UV light exposure, and difficulty in 
reliably achieving an even coating of protein [Damljanovic 2005, Kandow 2007].  For these reasons, 
we developed a functionalization procedure based on methods originally published by Beningo and 
Wang [2002] and described in greater detail by Kandow et al. [2007]. 
1.4.2. functionalization with N-hydroxysuccinimide 
The procedure described in Chapter 2 requires that polyacrylamide be formulated to contain acrylic 
acid (Figure 1.4).  Acrylic acid contains an acrylate group, allowing it to copolymerize with AAm and bis 
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[Mentor].  Just as importantly, acrylic acid provides a carboxyl group (-COOH), which is much more reactive 
than the amide groups (-CO-NH2) that comprise the bulk of the hydrogel. 
 
 
Figure 1.4. Thermal polymerization of polyacrylamide containing a small fraction of acrylic 
acid. 
 
 The carboxylic acid groups provide functional sites for activation with a carbodiimide.  Such 
molecules covalently link carboxylic acid groups with amine groups.  In Chapter 2, we use the most popular 
bioconjugation reagent available: 1-ethyl-3-(3-dimethylaminopropyl) carbodiimide (EDC) [Hermanson 
2008].  The conjugation is typically a two-step process.  DC first binds to the carboxyl groups on the hydrogel 
backbone, then facilitates a dehydration reaction with an amine-containing compound (such as a lysine 
residue on the surface of a protein), resulting in an amide bond (-CO-NH-) between the two substances.  
However, the intermediate state is highly unstable.  The addition of NHS improves the reaction by displacing 
EDC in an intermediate step (Figure 1.5), while still remaining reactive towards lysine residues (Figure 1.6) 
[Hermanson 2008].  Note that this is the same reactive group used with sulfo-SANPAH, but it costs only a 
fraction of the price.  Chapter 2 describes the optimization of this method and explores the impact of acrylic 
acid on mechanical properties and cell adhesion. 
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Figure 1.5. Activation of acrylic acid groups in a polyacrylamide hydrogel, adapted from 
Hermanson [2008]. 
 
 
Figure 1.6. Protein binding to NHS-activated polyacrylamide. 
 
1.5. Patterning Cell Adhesion to Model the Geometric Microenvironment 
1.5.1. patterned cell cultures and osteogenesis 
 At around the same time as researchers were probing how substrate stiffness directs cell behavior, 
Chris Chen’s group (then at Johns Hopkins) showed that the same signaling pathways were activated in cells 
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on rigid substrates that were confined to patterns [Nelson 2005].  Nelson et al. confined confluent cell 
aggregates to square or circular patterns, showed that cells at the edge of the patterns had higher cytoskeletal 
tension than those near the middle, and that those differences gave rise to patterns in proliferation.  After also 
moving to Penn, Chen’s group went on to show that similar patterns gave rise to patterned differentiation 
[Alom Ruiz and Chen 2008]. 
 Chen’s earlier work showed that patterning the adhesive area under a single cell influenced whether 
it lived or died [Chen 1997].  Limiting the adhesive area under an MSC caused it to differentiate into an 
adipocyte, while MSCs allowed to spread and generate more contractility expressed an early marker of 
osteogenesis [McBeath 2004].  Importantly, the cells modulated contractility via the same cytoskeletal 
mechanisms and signaling cascades being explored with substrate stiffness [McBeath 2004]. Later work 
showed that patterning cell shapes in ways that modulated cytoskeletal structure with without changing 
adhesion area also induced MSCs to differentiate into different lineages [Kilian 2010].  Patterning results 
showed that cells allowed to spread and generate significant contractility expressed early markers of 
osteogenesis, while those with limited contractility became adipocytes. 
1.5.2. patterned cell cultures on soft substrates 
 Given that both substrate stiffness and adhesion geometry influence osteogenesis, we sought to 
create a platform with which we could study the interaction of these and other factors.  In Chapter 3, 
describes such a system with e-jet printing.  However, others have described similar techniques.  
Ilkhanizadeh et al. [2007] described a method to pattern proteins on polyacrylamide hydrogels with e-jet 
printing, and Reticket-Flynn et al. [2012] used a microarray printer to do the same, both with features larger 
than 100 µm and therefore designed to support aggregates of dozens, or hundreds, of cells.  Jennifer West’s 
group has used photolithography to pattern smaller features on the surface of polyethylene glycol hydrogels 
[Hahn 2006, Moon 2009], but resolution is still limited to multicellular cultures.  A number of groups have 
achieved feature sizes between 2 and 100 µm using microcontact printing and conjugating ECM proteins to 
polyacrylamide with a variety of bioconjugate techniques [Burnham 2006, Damljanovic 2005, Hynd 2007, 
Cimetta 2009].  Even higher resolution (2-5 µm features) has been obtained by micropatterning on glass 
before physically entrapping proteins in polyacrylamide [Rape 2011, Tang 2012].  Unlike direct patterning, 
however, these ligands were not covalently linked to the hydrogel, which may make long-term culture 
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difficult.  A platform supporting long-term culture is critical for studies of osteogenesis, as matrix 
mineralization can take 3-4 weeks with the cell lines used here [Diduch 1993, Wang 1999].  
What sets e-jet apart from work with similar resolution is its flexibility.  Patterns can be quickly 
modified at no cost, and a comparatively minimal amount of protein ink is required.  Microcontact printing 
can be used to quickly pattern large areas and may be more suited to high-throughput manufacturing.  
However, the molds are expensive and require specialized equipment and a high degree of skill to fabricate.  
Additionally, stamps require a large amount of ink, much of which is wasted.  E-jet is described more 
thoroughly below and in Chapter 3. 
In Chapter 5, e-jet is used to pattern stiffness and chemistry at similar resolution.  There are even 
fewer methods to create such patterns on scales approaching that of a cell.  Chris Chen’s group used 
micromolding to create squares 100 µm2 in size to study cell migration in response to sharp gradients in 
stiffness.  Jennifer West’s group has used photolithography to create similar-sized features in polyethylene 
glycol [Nemir 2010].  Recently, Monge et al. [2013] presented a photolithography method to pattern stiffness 
in poly (L-lysine) hydrogels with features as small as 2 µm, similar to what we demonstrate with e-jet, though 
without differences in chemical properties between patterned and unpatterned regions.  Again, e-jet’s 
flexibility is an asset.  Micromolding and photolithography are limited to patterns fabricated on costly 
photomasks.  E-jet’s value over competing technologies is its capability to create a wide range of patterns 
with minimal amount of material. 
  
1.6 Hydrogels as Tools to Quantify Cell Contractility 
 Hydrogels can be used to measure cell contractility as well as to modulate it.  Pelham and Wang 
[1999] were the first to use polyacrylamide for this purpose by embedding beads in the hydrogel and 
tracking their displacement as a result of cell contraction.  This, and subsequent work with traction force 
microscopy (TFM), was limited to two dimensions.  Only lateral forces exerted by cells could be measured.  In 
Chapter 4, we use a TFM method developed by Franck et al. [Franck 2007, Franck 2011] to measure the 
displacement of beads in three dimensions using confocal microscopy.  The technique showed that single cells 
exerted vertical forces on 2D polyacrylamide substrates in addition to lateral forces [Maskarinec 2009]. 
12 
 
A number of studies have been published with multicellular models, looking at how cell-matrix and 
cell-cell forces are balanced in epithelial [du Roure 2005, Trepat 2009, Maruthamutu 2011, Notbohm 2012, 
Mertz 2013], and endothelial [Hur 2012] cells.  A few studies have gone farther and looked at traction forces 
under patterned single [Rape 2011] and multicellular aggregates [Nelson 2005, Alom Ruiz and Chen 2008].  
In all cases, traction stresses are highest at the periphery and lowest near the center of adhesion.  In other 
words, cells at the edges provide mechanical support via cell-matrix adhesions for cells on the interior, which 
rely primarily on cadherins. Our goal is to use TFM to track how cells shift from primarily integrin to 
primarily cadherin adhesions, which, as described above, are critical for bone formation.  Alom Ruiz and Chen 
[2008] linked patterned traction forces to early osteoblastic differentiation by MSCs, but such cells were 
several steps short of being matrix-producing osteoblasts.  In Chapter 4, we pattern osteoblasts on TFM 
substrates and present initial results of a study to compare the traction forces exerted by multicellular 
‘nodules’ patterned with different diameters, and of cells lines representing three distinct stages of 
osteogenesis. 
 
1.7 E-Jet Printing as a Tool to Pattern Hydrogel Microenvironments 
 This thesis introduces e-jet printing as a method to pattern polyacrylamide microenvironments, 
including substrates compatible with TFM.  High-resolution e-jet printing was developed by Park et al. 
[2007], and subsequently refined and enhanced by research groups within the NSF-funded Nano-CEMMS 
Center at UIUC [Park 2008, Mishra 2010].  A conductive ink is loaded into a reservoir with a pulled glass 
capillary nozzle with inner diameters ranging from 10 µm down to 500 nm.  With low air pressure (the exact 
amount depending on ink properties and nozzle geometry), the ink will form a spherical meniscus at the tip 
of the nozzle.  An electric field applied to the meniscus pulls it into a Taylor cone [Park 2007] and precise 
balance between the strength of the field, the backpressure, and the capillary pressure inside the nozzle 
determine the size and frequency of droplets that jet from the tip of this meniscus [Park 2007].  Further 
developments in pulsed voltage waveforms have increased the reliability and repeatability of droplet size and 
placement at high speeds.  What sets the UIUC system (Figure 1.8 and Figure 1.9) apart from other, 
previously-published e-jet systems [Poon 2002, Mongkoldhumrongkul 2009, Poncelet 2012] is the use of 
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small-diameter nozzles and using an electric field more to drive jetting than simply shape the meniscus of a 
stream generated driven primarily by a syringe pump. 
 
 
Figure 1.7.  Schematic of forces that influence (top) inkjet-style printing and (bottom) e-jet 
printing.  The electric field shapes the liquid meniscus, resulting in smaller droplets. 
 
 The e-jet printer is pictured in Figure 1.8.a.  Ink was loaded in a syringe reservoir and mounted above 
a translating stage.  The metal-coated nozzle was electrically connected to a computer-controlled power 
supply.  The substrate itself was placed on a conductive slide for easier handling (Figure 1.8.b).  Small strips 
of conductive tape were used to connect the thin hydrogel slab attached to a coverglass to the grounded slide.  
Figure 1.4.c is a screenshot from the camera system used to position the stages and monitor printing.  Nozzles 
were typically positioned 30 μm above the substrate, based on work by Park et al. [2007]. 
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Figure 1.8.  (a) Photograph of the e-jet mounts used in the Macromolecular Biosciences 
paper [Poellmann 2011].  (b) Photograph of hydrogel substrate, mounted on a coverglass, 
and attached to a conductive slide for easier handling.  The hydrogel was connected to 
ground by means of conductive tape.  The stage in this case was obscured by aluminum foil.  
(c) Image taken from camera during printing.  The nozzle is visible at the top of the screen, 
as is its reflection in the gel. 
 
E-jet printing required a conductive ink capable of continuous jetting, and a stable substrate.  The 
protein-based inks introduced in Chapter 3 were originally based on nucleic acid inks published by Park et al. 
[2008].  NaCl was included to provide the mobile charges necessary for meniscus formation, but we had 
significant problems with nozzle clogging.  Two possible causes of clogging were protein aggregation inside 
the nozzle and water evaporation at the meniscus.  We included glycerol in the ink to help with both, as it 
disrupts secondary bonding between proteins [Vagenende 2009] and its hygroscopic properties help prevent 
evaporation.  Second, following publication of our Macromolecular Bioscience paper [Poellmann 2011], we 
switched to an LED light source that produced significantly less heat than the previous, camera-mounted 
halogen light.  Further details on ink formulation are included in Chapter 3 and Appendix C.I. 
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The other challenge was in adapting polyacrylamide substrates for e-jet printing.  In early tests with 
fully-hydrated substrates, we observed the gel shrinking from evaporation.  This contraction increased nozzle 
standoff height, resulting in a continuously-weakening electric field and making consistent printing 
impossible.  Chapter 2 describes a novel method that we developed.  First, we soaked the hydrogels in 
mixture of glycerol and salt before partially dehydrating them on a hotplate.  The volume collapsed, but the 
glycerol held enough water in to keep its shape, and the NaCl provided charge mobility crucial to generating 
the electric field. 
 The entire printing system is pictured in Figure 1.9, below.  The 5-axis stage was mounted on a 
vibration-isolating table.  A fixture flexible to accommodate a diverse set of users was positioned above the 
grounded stage.  A camera mounted with a high-magnification lens was fixed on the nozzle tip, illuminated 
from behind with an LED light source.  After initial set-up, the user adjusted backpressure manually (Figure 
1.9.c), while controlling stage positioning and voltage from a computer station (Figure 1.9.d). 
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Figure 1.9.  (a) Photograph of the current printer from the front and (b) rear.  Compared 
with the system pictured in Figure 1.4, this system uses a different reservoir mount and low-
heat, LED light source.  (c) Photograph showing further components of the e-jet system.  
Backpressure was controlled manually through the pressure regulator, while voltage from 
the power supply was controlled via a computer.  (d) Photograph of the control interface.  
Custom-written Labview programs developed by the Nano-CEMMS group were used to 
control stage positioning (right) and voltage waveforms (center).  The camera feed was 
displayed on a second computer (left). 
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Chapter 2. Activating Polyacrylamide for Patterning ECM Proteins 
Portions of this chapter have been accepted for publication in: 
Poellmann and Wagoner Johnson, “Characterizing and patterning polyacrylamide substrates 
functionalized with N-hydroxysuccinimide,” Cellular and Molecular Bioengineering, accepted. 
2.1. Introduction 
 Polyacrylamide is one of the most widely used materials for studying the mechanical 
interaction between cells and a substrate [Kandow 2007].  Shortly after the discovery that cells exert 
forces on soft, thin, silicone membranes [Harris 1980, Oliver 1995], polyacrylamide became the 
preferred alternative.  It was soft enough to deform yet wouldn’t wrinkle, it was linear elastic, and it 
was easy to fabricate [Kandow 2007].  The forces exerted by cells were tracked by embedding beads 
in the hydrogel and measuring their displacement, then using the elastic modulus of the gel to 
calculate forces [Wang and Pelham 1998].  After polyacrylamide was used to show that substrate 
elasticity influenced cell migration [Pelham and Wang 1997, Lo 2000, Gray 2003], several research 
groups used the material to show that altering the Young’s modulus influenced cytoskeletal structure 
[Yeung 2005], proliferation [Winer 2009], metastatic behavior [Paszek 2005], and differentiation 
[Engler 2006].   
 While a number of other materials can and have been used to study the influence of 
substrate elasticity on cell behavior, polyacrylamide has many advantages.  It is linear elastic and can 
be tuned to match the Young’s modulus of most soft tissues in the body (0.5-50 kPa).  It is cheap and 
easy to fabricate, in large part because biologists have long used polyacrylamide gels for 
electrophoresis.  It is clear and can be cast in thin sheets, making it compatible with inverted 
microscopes [Kandow 2007].  Although a hydrogel, the pores are on the order of nanometers 
[Trappman 2012], significantly smaller than single cells.  Drawbacks include the cytotoxicity of 
acrylamide monomer, which restricts its use to two-dimensional substrates.  This restriction, in 
combination with its mechanical properties, makes polyacrylamide an inexact substitute for the 3D, 
fibrous, strain-stiffening environment of the extracellular matrix [Wen and Janmey 2013].  On the 
other hand, linear elasticity makes analysis much easier, particularly with traction force microscopy.  
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Further, we posit that a 2D surface is a reasonable model for the osteoblast microenvironment, as 
these cells form a confluent monolayer whose basal surface is adhered to soft osteoid, and whose 
apical surface is exposed to the much-softer marrow (see Figure 1.1). 
 The purpose of this work was to characterize and optimize a procedure to activate 
polyacrylamide substrates for e-jet printing.  Polyacrylamide resists protein adsorption, so adhesion 
ligands must be chemically bound to the substrate.  We built upon a procedure previously published 
by Kandow et al. [2007], though it has not been widely adapted by the community.  Compared to the 
conventional methods for polyacrylamide activation [see Aratyn Schaus 2010 and Tse and Engler 
2010 for recent protocols], our procedure was compatible with micropatterning processes, used less-
costly reagents, and offered a different strategy to control ligand density. 
 A brief summary of the method is as follows.  A fraction of acrylamide monomer (AAm) was 
substituted with acrylic acid, which incorporated into the polymer backbone [Mentor] and provided 
functional sites for further chemical modification with a carbodiimide (EDC) and N-
hydroxysuccinimide (NHS) [Beningo and Wang 2002].  The hydrogels were soaked in a glycerol and 
salt solution and partially dehydrated such that they remained conductive enough to be compatible 
with e-jet, but did not lose volume due to evaporation during printing.  Decreasing volume changes 
the stand-off height between the nozzle and the substrate, which affects the jetting stability.  Drying 
also protected the stability of NHS groups [Hermanson 2008].  Lysine groups on proteins or peptides 
that came in contact with the substrate displaced the NHS, forming a covalent bond with the polymer 
backbone [Grabarek and Gergely 1990, Hermanson 2008, Saha 2008].  Unreacted NHS groups 
hydrolyzed during rehydration [Hermanson 2008], leaving a surface resistant to cell adhesion.  
Figure 2.1 illustrates our procedure along side the more commonly-used method involving sulfo-
SANPAH.  Further details are included in Chapter 1.3 and Appendix B.I. 
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Figure 2.1. (Left) Summary of polyacrylamide activation with sulfo-SANPAH and 
protein conjugation based on the procedure [Aratyn-Schaus 2010].  This procedure 
is only shown as a reference, and was not quantitatively evaluated or compared to 
our method.  (Right) Summary of the fully-optimized NHS activation method 
described here. 
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 The result of this work was a method to functionalize polyacrylamide substrates, validated 
and optimized for e-jet printing.  We first demonstrated that acrylic acid was incorporated into the 
polymer during polymerization.  We then conducted tensile tests to determine the influence of 
acrylic acid on Young’s modulus, and to identify the mixtures to be used in further experiments.  We 
used a quantitative protein assay to optimize the pH of two buffered solutions and to determine that 
the amount of protein bound to the substrates depended on acrylic acid concentration.  Finally, we 
demonstrated that cells adhere to polyacrylamide functionalized with this method.  The work 
presented here has been submitted for publication and is currently in peer review. 
 
2.2. Methods 
2.2.1. substrate preparation 
 Glass coverslips of various sizes (VWR or Corning) were cleaned before etching for 30 min in 
10 N NaOH.  After rinsing with ethanol, the coverslips were treated for 2 h under 2 vol.% 3-
(trimethoxysilyl) propyl methacrylate (acryl-silane, Sigma) in 95 vol.% ethanol, pH 5.  The coverslips 
were rinsed with ethanol and heated at 100C hotplate for 2 min. 
 Prepolymer solutions consisting of acrylamide (AAm, 40 wt.% stock solution, Bio-Rad), and 
N,N-methylenebisacrylamide (bis, 2% stock solution, Bio-Rad) were prepared in 50 mM HEPES-
buffered saline, pH 8 (Sigma).  Where indicated below, acrylic acid monomer was substituted for an 
equivalent amount of AAm monomer at 0.2-1.0 wt.%, and the pH was balanced by adding 10 N NaOH.  
Polymerization was initiated by adding 0.05 wt.% ammonium persulfate (APS, Bio-Rad) and 0.10 
vol.% N,N,N’,N’-tetramethylethylenediamine (TEMED, Bio-Rad). 
 In toluidine and BSA experiments, 50 μl droplets of preplymer were sandwiched between 
acryl-silanated, 12 mm-diameter coverslips and a polystyrene plate.  Tensile test samples were cast 
in a 3D-printed mold (Object Geometries Eden 350, FullCure 720 polymer) and capped with an 
unmodified glass slide.  Cell experiments involved substrates cast by sandwiching 25 μl droplets 
between 22 mm square acryl-silanated coverslips and 18 mm square coverslips that had been 
treated in a vacuum desiccator for 2 h with (tridecafluoro-1,1,2,2-tetrahydrooctyl)-1-trichlorosilane 
(fluoro-silane, UCT), rinsed with ethanol and dried. 
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2.2.2. toluidine blue stain to detect acrylic acid 
 Toludine blue stain reversibly binds to carboxylic acid groups in a pH-dependent manner 
[Sano 1993, Nakajima and Ikada 1995].  Hydrogels were thoroughly rinsed in saline, pH 10, before 
treating for 5 h with 0.5 mM toluidine blue O (Sigma).  Unbound stain was then washed out in three 
additional rinses of pH 10 saline over the course of 12 h.  The amount of bound stain was quantified 
by soaking the hydrogels in 50 vol.% glacial acetic acid (Fisher) for 90 min and measuring the 
absorbance of the resulting solution at 633 nm (BioTek Synergy HT microplate reader).  A standard 
curve of toluidine blue in the same solution was used for quantification. 
2.2.3. tensile tests to determine Young’s modulus 
 Tensile samples were cast in molds with gage sections 3 mm deep, 6 mm wide, and 16 mm 
long.  The wide ends of the mold contained grooves to hold 3/64” diameter stainless steel rods 
(McMaster Carr).  Total monomer/bis concentration ranged from 4.20/0.10 to 14.2/0.35 wt.% (total 
monomer = AAm + acrylic acid).  The hydrogels, polymerized around the rods, were separated from 
the mold and soaked overnight in PBS.  The ends of each sample were reinforced with cyanoacrylate 
glue (Loctite Gel).  Four small spots of glue were placed in the gage section and used as strain 
markers. 
 The rods were set in a custom-designed fixture [Poellmann 2012] mounted in a Bose 
Electroforce Biodynamic test system.  The system was fitted with a 1000 g load cell and was enclosed 
in a 37C incubator.  The sample chamber was filled with PBS and allowed 5 min to equilibrate prior 
to each test.  Samples were stretched at 0.05 mm/s, corresponding to a strain rate of approximately 
0.002 s-1 monitored with a video extensometer (Bose).  Stress and strain signals were smoothed 
using a 9-point moving average filter and fit using least-squares between 0 and 20% strain. 
2.2.4. substrate activation 
 Bovine serum albumin (BSA, Sigma) was used as a model protein in early tests.  Hydrogels 
were soaked overnight in a PBS solution containing 20 vol.% glycerol before activating for 10 min 
with 3 mM EDC (Thermo Pierce) and 5 mM NHS (Thermo Pierce) in MES-buffered saline with 
variable pH.  After rinsing in DI water, 100 μl droplets of 1 wt.% BSA (Sigma) in PBS or HEPES-
buffered saline (variable pH) were placed on each hydrogel for 2 h.  
22 
 
Later tests involved a mixture of ECM proteins consisting of 0.35 mg/ml collagen I (BD 
Biosciences), 0.05 mg/ml fibronectin (BD Biosciences), 20 vol.% glycerol (Fisher), and 0.5 vol.% 
Tween-20 (Sigma) in HEPES-buffered saline, pH 8.  This mixture was ultimately optimized as an e-jet 
ink (Chapter 3).  Hydrogels were soaked overnight in a PBS solution containing 5 vol.% glycerol 
before activating for 30 min with 15 mM EDC and 25 mM NHS in MES-buffered saline, pH 5.  
Substrates were treated with 20 μl e-jet ink (8 μg total protein) for 3 h before rinsing and conducting 
assays. 
2.2.5. assays and stains to evaluate protein binding 
 Protein conjugation was quantified with a Micro Bicinchononic Acid (microBCA) assay kit 
(Thermo Pierce).  Sample hydrogels and control hydrogels were broken into pieces and placed in 
glass test tubes with 2 ml assay working reagent.  The test tubes were placed in a 60C water bath 
and incubated for 1 h.  The absorbance of the final solution was read at 562 nm.  Standard curves 
were created using unmodified hydrogels and the appropriate protein mixture added directly to the 
working reagent.  Quantitative assays were used to optimize the pH of the NHS activation and protein 
buffers, to quantify the influence of stiffness on ECM coating density, and to quantify the influence of 
acrylic acid on ECM coating density. 
 Protein conjugation was also semi-quantitatively measured using Coomassie blue staining 
(Bio-Rad).  Substrates were activated as described above and treated with droplets of BSA in PBS.  
After rinsing, bound protein was fixed for 30 min in 50 vol.% methanol, 40 vol.% DI water, and 10 
vol.% glacial acetic acid – the same solution commonly used to fix proteins in electrophoresis gels.  
Substrates were stained with 0.1 mg/ml Coomassie blue G-250 (Bio-Rad) in 5 vol.% ethanol and 10 
vol.% o-phosphoric acid (Fisher, 80% stock solution) for 1 h.  The substrates were rinsed for 1 h, 
dried in air, and photographed with a Canon Powershot SX100 IS digital camera.  NIH ImageJ was 
used for semi-quantitative analysis.  Protein density, in arbitrary units, was defined as the difference 
between the “green” intensity of the stained portion of each gel and an unstained portion of the same 
sample. 
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2.2.6. cell culture 
To determine the influence of acrylic acid on cell adhesion, MC3T3-E1 cells (ATCC) were 
evaluated on substrates containing 8.2/0.2 wt.% total monomer/bis and modified with a uniform 
coating of e-jet ink.  Cells were sparsely seeded (5 x 103 cells in a 35 mm dish) on substrates 
containing 0-0.8 wt.% acrylic acid, fixed after 36 h, and stained with Sanderson’s rapid bone stain 
[Poellmann 2010] before imaging using a Leica DMI 400 B inverted microscope at 10x with a 
QImaging Retiga 2000R digital camera.  Cell outlines were traced and shape factors calculated using 
NIH ImageJ. 
Large-scale (cm) patterning was demonstrated on 0.4 wt.% acrylic acid substrates.  D1 ORL 
UVA cells (ATCC) were seeded near-confluence on substrates that were partially coated by flattening 
20 μl droplets of e-jet ink on an NHS-activated substrate with 12 μm-diameter, unmodified glass 
coverslips.  Substrates were imaged after 3 days. 
2.2.7. statistics 
 All data in the text below are presented as means ± standard deviations of at least three 
independent measurements.  Error bars on bar graphs represent ± standard deviations.  One- and 
two-way analysis of variance (ANOVA) tests with Tukey post-hoc means comparisons were 
conducted using R software [Dalgaard 2002].  Plots were created with R [Wickham 2009] and 
Microsoft Excel. 
 
2.3 Results and Discussion 
2.3.1 acrylic acid copolymerized with AAm/bis 
 Hydrogels were soaked in toluidine blue stain, which binds to carboxylic acid groups at high 
pH [Sano 1993, Nakajima and Ikada 1995], to show that acrylic acid was incorporated into the 
polymer.  Unbound stain was removed with several rinses in saline with pH 10.  Bound stain was 
then eluted from the gels by placing them in acetic acid, and we used the absorbance of the resulting 
solutions for quantification.  The amount of toluidine blue increased with both total monomer/bis (p 
= .0003) and acrylic acid (p < .0001), and some interaction was detected between the two (p = .0502, 
Figure 2.2).  
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Figure 2.2 Toluidine stain was used to show that acrylic acid copolymerized with 
AAm and bis.  The stain bound reversibly to carboxylic acid groups, and as 
predicted, increased in hydrogels containing acrylic acid.  The amount of stain also 
increased with total monomer/bis.  See Table B.1 for pairwise comparisons. 
 
 The trend of increasing toluidine blue with increasing acrylic acid confirmed that acrylic acid 
was incorporated into the hydrogels.  Results between 0.2 and 0.4 wt.% acrylic acid did not reach 
statistical significance (p = .1707), but both were greater than 0.0 wt.% (p < .0050).  There were two 
possible reasons for the observed increase with total monomer/bis.  First, more acrylic acid 
incorporated into gels when it has more AAm to polymerize with.  In that case, softer hydrogels 
would have fewer sites available for protein conjugation than stiffer gels.  The second possibility was 
that hydrogels with higher total monomer/bis have smaller pores, and therefore trap more stain by 
limiting diffusion during rinsing. The second explanation was more likely, given that even gels 
without any acrylic acid bound about half as much stain as those with it.  However, further tests 
described below also suggest that fewer binding sites are available on softer gels.  Given the high 
scatter in results with the stain, we recommend that spectroscopic (such as NMR or Raman) methods 
be used in the future to detect and quantify acrylic acid incorporation. 
2.3.2. acrylic acid did not influence tensile properties up to 0.4 wt.% 
Precise measurement of the Young’s modulus was necessary to compare our results to 
previously published work, to relate our results to the mechanical microenvironments that cells 
experience in vivo, and to accurately measure forces exerted by cells in traction force microscopy.  
We were also the first to determine the influence of acrylic acid on the Young’s modulus on these 
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substrates.  Because Kandow et al. [2007] suggested 0.2 wt.% acrylic acid in the substrates for cell 
culture, we tested a range of total monomer/bis formulations with that amount.  Incorporation of 
acrylic acid at 0.2 wt.% did not alter either the Young’s modulus (Figure 2.3.c, p = .3106) or the 
Poisson’s ratio (Figure 2.3.d, p = .1752).  Our formulations ranged from 2.13 ± 0.38 to 63.52 ± 2.54 
kPa, respectively.  This encompassed the range of most published literature reporting stiffness-
dependent behavior of osteoblasts and precursors (Table 2.1). 
 
Table 2.1. Selected Young’s moduli from previous studies demonstrating influence of substrate 
stiffness on MSC or osteoblast behavior 
reference cell type 
measured factors 
(early/mid/late differentiation) 
Young’s modulus 
(kPa) 
Kong, Mooney et al. 2005 
(alginate substrates) 
MC3T3-E1 
osteoblasts 
osteocalcin (mid/late) and 
mineralization (late) 
20-110  
Engler, Discher et al. 2006 human MSCs CFBα1 expression (early) 0.5-50 
Khatiwala, Putnam et al. 2006 MC3T3-E1 
osteoblasts 
migration speed and 
mineralization (late) 
12-40 
Winer, Janmey et al. 2009 human MSCs proliferation .025 
Trappmann, Vogel, Spatz et al. 
2012 
human MSCs alkaline phosphatase 
(early/mid) 
0.5-115 
 
 As later tests showed that substrates with more acrylic acid were better suited for cell 
culture (section 2.3.5), we tested relatively soft and stiff monomer/bis formulations with higher 
acrylic acid concentrations (Figure 2.3.e).  Hydrogels with 0.4 wt.% acrylic acid were statistically 
similar to formulations with 0 and 0.2 wt.% acrylic acid.  However, incorporating 0.8 wt.% acrylic 
acid significantly reduced the Young’s modulus in both formulations tested.  The softest hydrogels 
dropped from 2.16 ± 0.41 kPa in gels with 0.4 wt.% acrylic acid to 1.2 ± 0.09 kPa in gels with 0.8 
wt.%.  The stiffer formulation dropped from 49.39 ± 1.37 to 41.1 ± 3.41 kPa.  We therefore concluded 
that 0.4 wt.% was the limit at which we could include acrylic acid and still consider it mechanically 
the same as a polyacrylamide substrate fabricated with only AAm and bis.  Using gels with 0.8 wt.% 
acrylic acid or higher would require further mechanical testing for full characterization. 
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Figure 2.3. Summary of tensile tests.  (a) A 3D-printed mold used to fabricate tensile 
specimens.  (b) Photograph of tensile specimen mounted in a custom fixture and 
submerged in the Bose Biodynamic test chamber.  The four spots of cyanoacrylate 
glue served a strain markers for the video extensometer.  (c) Young’s modulus 
ranged from 2 to 66 kPa for various polymer formulations.  There was no difference 
between 0 and 0.2 wt.% acrylic acid.  See Table B.2 for pairwise comparisons. (d) 
Poisson’s ratio averaged 0.36 ± 0.03 for all samples.  (e) Incorporating acrylic acid at 
0.8 wt.% resulted in hydrogels with decreased Young’s moduli.  (f) Incorporating 
fluorescent beads for traction force microscopy reduced the Young’s modulus of a 
given mixture to 65% its original value.  See Table B.3 for pairwise comparisons. 
 
 
Substrates optimized for TFM with osteoblast cell lines had a Young’s modulus of 6.21 ± 0.74 
kPa.  Preliminary scans (data not shown) indicated that beads incorporated at 15 vol.% (equivalent 
to 0.3 wt.%) were dense enough to be compatible with TFM.  E1 cells were able to deform substrates 
formulated with 6.2/.15 wt.% total monomer/bis (data not shown).  This formulation with beads 
was about 65% of those without (p = .0092).  The lower Young’s modulus can be explained if the 
beads, though stiff themselves, are thought of as voids in the hydrogel.  The hydrogel was not 
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chemically conjugated to the beads, so the voids elongated during tensile deformation.  Accurate 
measurement was necessary for calculation of traction stresses from bead displacements. 
 Accurate measurements of Young’s modulus are critical when comparing work from 
different laboratories, relating in vitro results to in vivo microenvironments, and for calculating 
stresses from TFM.  It’s therefore surprising that the vast majority of published work relies on tensile 
tests conducted in open air [Engler 2004, Gray 2003, Pelham and Wang 1997, Wang and Pelham 
1998, Wong 2003] or indentation tests that require assumptions about the Poisson’s ratio and 
indenter geometry to obtain Young’s modulus [Boudou 2006, Damljanovic 2005, Engler 2004, 
Pelham and Wang 1997, Wong 2003 – note that some papers reported both tensile and indentation 
tests for cross-validation].  We believe that the results reported here, having been tested submerged 
in 37°C PBS, are the most accurate reported to date.  Direct comparisons were difficult because 
groups use a wide range of AAm/bis formulations.  However, Boudou et al. [2006] published an 
empirically-derived equation, based on indentation tests, to calculate Young’s modulus from AAm 
and bis content.  That paper predicted Young’s moduli of 1.66 and 153.88 kPa for the two mixtures 
tested in Figure 2.3.e, undershooting the first and vastly overestimating the latter. 
Our measured Poisson’s ratio differs from previously published work.  In 1993, Li et al. used 
a novel indentation method to measure Poisson’s ratios of 0.25 to 0.35, depending on bis 
concentration.  Other reported values are significantly higher than ours, including those determine 
by macroscale measurements [Engler 2004] or micropipette aspiration [Boudou 2006].  In our work, 
the Poisson’s ratio is important because it factors into calculations involving traction force 
microscopy (Chapter 4) and AFM indentation (Chapter 5). 
2.3.3. protein conjugation was sensitive to pH 
 We evaluated the influence of pH on two buffer solutions: the MES-based activation buffer, 
and the HEPES-based protein buffer (Figure 2.4).  The first was varied between 4.0 and 7.0, the latter 
between 7.5 and 9.0.  Maximum protein binding was observed with pH 4-5 activation buffer and pH 
8.0-9.0 protein buffer.  All hydrogels consisted of 8.0/.02/.02 wt.% AAm/acrylic acid/bis.  Out of a 
droplet originally containing 1 mg BSA, microBCA assays detected a maximum 3.73 ± 1.44 μg bound 
to substrates.  In other words, 0.373% of the original protein ultimately bound to the substrate.  We 
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subsequently increased the concentrations of EDC and NHS concentrations in an attempt to increase 
this rate.  For further discussion on reagent concentrations, see Appendix B.II.  The optimum buffer 
pH values measured here match those suggested Hermanson [2008], while Kandow et al. [2007] 
published a low-pH MES buffer for both steps. 
 
Figure 2.4. The pH of both the activation buffer and the protein buffer influenced 
protein conjugation efficiency.  See Table B.4 for pairwise comparisons. 
  
2.3.4. protein coating density depended on acrylic acid 
 We also used BSA as a model protein to measure density in relation to acrylic acid content.  
Solutions of 1 mg/ml BSA in PBS were placed on substrates activated with 3 mM EDC and 5 mM NHS.  
The substrates were then fixed and stained in the same manner as electrophoresis gels.  The density 
of each protein spot was inferred from the relative intensity of the spot with respect to a nearby area 
of unstained gel, determined from digital photographs (Figure 2.5.a).  Protein density was 
significantly higher on substrates containing acrylic acid than on those without (Figure 2.5.b, p < 
.0001), but no difference was observed between 0.2 and 0.4 wt.% acrylic acid (p = 0.5287). 
 The amount of e-jet ink bound to substrates was quantitatively evaluated with micro-BCA 
assays.  In contrast to Coomassie-stained substrates, these were activated with 15 mM EDC and 25 
mM NHS.  Ink solutions consisted of 0.4 mg/ml total protein, pH 8.  The amount of an 8 μg (20 μl) ink 
droplet that bound to a 19 kPa substrate increased with acrylic acid concentration (Figure 2.5.c).  On 
0.4 wt.% acrylic acid substrates later used for e-jet printing (Chapter 3), microBCA assays detected 
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that 25.9% of ink protein conjugated to the hydrogel.  Note that higher concentrations of acrylic acid, 
EDC, and NHS were responsible for the improvement over 0.3% efficiency with BSA (Figure 2.4). 
 
 
Figure 2.5. Protein conjugation depends on acrylic acid content. (a) Digital 
photograph of a set of substrates stained with Coomassie blue.  (b) Semi-
quantification of protein density from digital photographs showed that substrates 
containing acrylic acid had significantly greater protein density than those without.  
See Table B.5 for pairwise differences.  (c) Bound protein from e-jet ink increased 
with acrylic acid content.  See Table B.6 for pairwise comparisons.  (d) Bound e-jet 
ink appeared to increase slightly with Young’s modulus, but did not reach the level 
of statistical significance.   
 
Further work is necessary if we are to show that we have precise and independent control 
over stiffness and ligand density.  Such a system is crucial in the face of recent criticism of sulfo-
SANPAH-activated polyacrylamide substrates, which suggested that cell behaviors previously shown 
to depend on substrate stiffness actually depended on the density of covalent bonds between ECM 
proteins and the substrate [Trappmann 2012].  We observed that the amount of protein conjugated 
to substrates with 0.2 wt.% acrylic acid increased with Young’s modulus (that is, total monomer/bis, 
Figure 2.5.d), but did not reach statistical significance (p = .1565).  Others before Trappmann et al. 
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[2012] showed no such relationship.  However, they [Califano and Reinhart-King 2008, Engler 2004, 
Grevesse 2013, Khatiwala 2006] relied on semi-quantitative analysis of immunofluorescent images 
rather than the more precise assay used here.  It’s also important to note that we only measured ECM 
density ranging from 4.8 to 11.2 μg/cm2.  In their widely-cited study comparing ligand density and 
substrate stiffness, Engler et al. [2004] reported using substrates ranging from 0.001 to 50 μg/cm2.  
Future work exploring ligand density should therefore focus on hydrogels formulated with 
significantly less acrylic acid than tested here. 
2.3.5. substrates supported cell culture 
To determine the influence of acrylic acid concentration on cell density and shape, we 
collected images of sparsely seeded MC3T3-E1 cells after 36 h in culture on 19 kPa substrates 
containing 0 to 0.8 wt.% acrylic acid modified with e-jet ink, as well as protein coated glass controls.  
In all pairwise comparisons (Appendix B.III), the presence of acrylic acid resulted in higher cell 
density, greater average cell area, and lower average cell circularity compared to substrates without 
acrylic acid (Figure 2.6). 
As expected, cell density was significantly lower on gels without acrylic acid than on those 
with (Figure 2.6.a).  The cells that were present were smaller in area (Figure 2.6.b) and had greater 
circularity (Figure 2.6.c) than all other substrates, indicating poor adhesion.  Stains and assays 
(section 2.3.4) detected non-zero amounts of protein on 0 wt.% acrylic acid substrates, indicating 
that at least some protein is adsorbed or entangled in the polymer.  These results suggested non-
conjugated protein is enough to support at least weak or transient cell adhesions, though cells could 
be removed with more vigorous rinsing. 
Apart from 0 wt.% acrylic acid substrates, one other statistical difference was detected: 0.4 
wt.% substrates supported more cells than 0.8 wt.% acrylic acid (p < .0456).  These data, along with 
tensile tests showing that 0.8 wt.% substrates were softer than 0.4 wt.%, provided the basis for using 
0.4 wt.% acrylic acid in e-jet substrates. 
No statistical differences were seen in cell area (Figure 2.6.b) or circularity (Figure 2.6.c) 
across 0.2, 0.4, and 0.8 wt.% substrates.  All other differences in cell area, after log-transformation to 
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account for increased variance on glass controls, were p > .0005, with cells on 0 wt.% acrylic acid 
substrates significantly smaller and cells on glass controls significantly larger. 
 
 
Figure 2.6.  (a-c) MC3T3-E1 cell adhesion after 36 h culture depended on acrylic acid 
content, but not total monomer concentration.  “G” denotes glass control substrates.  
(a) The density and (b) area of cells on substrates containing acrylic acid was 
greater than on those without.  Cells on glass controls spread over an even greater 
area, with greater variance, than all cells on hydrogels.  Asterisks denote p < .05 
differences with all other groups. (c) Cell circularity was higher on substrates 
without acrylic acid compared with all others, indicating that the few cells present 
were poorly adhered.  See Tables B.7-B.9 for pairwise comparisons.  (d-g) 
Brightfield images of D1 ORL UVA cultures after 3 days of seeding demonstrate that 
cells were capable of proliferating and reaching confluence on substrates regardless 
of stiffness, and did not spread onto non-patterned regions. 
 
 
To demonstrate that substrates were capable of supporting patterned cultures, droplets of 
protein ink were micropipetted on activated substrates containing 0.4 wt.% acrylic acid and flattened 
fluoro-silanated coverglasses.  The results were substrates containing a 12 mm spots of adhesive 
protein, surrounded by areas in which remaining NHS groups were cleaved during rinsing.  D1 cells 
were seeded near-confluence, rinsed after 30 min, then cultured for 3 days.  The cells proliferated to 
32 
 
form a monolayer characteristic of osteoblast cultures, but did not attach beyond the edge of the 
protein spot.  Figures 2.6.d-g are brightfield images of these cultures on 2, 9, 35, and 49 kPa 
substrates. 
 
 
2.4. Summary and Conclusions 
 In this chapter, we described the development and optimization of a method to activate 
polyacrylamide substrates that is low cost and compatible with e-jet processes.  Compared to the 
previously-published method by Kandow et al. [2007], our method used higher EDC and NHS 
concentrations and involved a partial-dehydration step.  We also conducted tensile tests to show that 
incorporating acrylic acid at up to 0.4 wt.% had no influence on Young’s modulus, and we optimized 
buffer pH.  Perhaps most importantly, we used assays to quantify protein conjugation and relate it to 
acrylic acid concentration.  Finally, we demonstrated that the substrates support patterned cell 
culture.  The result of this work is an economical fabrication and activation procedure designed for e-
jet, though we believe it is compatible with a broad range of micropatterning techniques including 
microcontact printing. 
 The most important experiments presented here were those that quantified protein 
conjugation.  No other systems purporting to provide independent control over substrate stiffness 
and ligand density have used quantitative assays as evidence.  The results clearly showed that acrylic 
acid concentration in the prepolymer can be used to control the density of protein conjugation.  The 
results also indicate that protein density increases moderately with stiffness, and that further work 
should focus on fully decoupling those factors. 
 The mechanical testing was also a critical step in material characterization.  Accurate 
measurements of Young’s modulus are necessary to calculate traction stresses from TFM data.  Good 
measurements are also necessary to compare results across studies such as those summarized in 
Figure 1.2.  Here, we were the first to measure the mechanical properties of hydrogels with acrylic 
acid.  Hydrogels with 0, 0.2, and 0.4 wt.% acrylic acid all had statistically similar properties as long as 
AAm was adjusted to maintain the same total monomer concentration.  Hydrogels with 0.8 wt.% 
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acrylic acid were softer, meaning that if ligand density would need to be pushed higher in the future, 
this reduction in Young’s modulus needs to be accounted for. 
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Chapter 3. Patterning Proteins on Polyacrylamide with E-jet 
Printing 
Portions of this chapter have been or will be published in the following articles: 
Poellmann, Barton, Mishra and Wagoner Johnson, “Patterned hydrogel substrates for cell culture with 
electrohydrodynamic jet printing,” Macromolecular Bioscience 11:1164-1168, 2011. 
Poellmann and Wagoner Johnson, “Characterizing and patterning polyacrylamide substrates 
functionalized with N-hydroxysuccinimide,” Cellular and Molecular Bioengineering, accepted. 
 
3.1. Introduction 
 This chapter describes the development and optimization of a method to pattern 
extracellular matrix proteins on polyacrylamide using e-jet printing.  Our motivation was to create a 
process for producing substrates for studying the interaction between adhesion geometry and 
substrate stiffness – both factors previously shown to influence the behavior of mesenchymal stem 
cells and osteoblasts (Chapter 1). 
 High-resolution e-jet printing was introduced as a micro- and nano-scale fabrication tool by 
Park et al. [2007].  The e-jet printer consists of an air-cushioned stage that translates under a 
stationary nozzle assembly (Figure 3.1, center).  The nozzle consists of a metal-coated pulled glass 
capillary tip.  We typically use nozzles with 5 µm inner diameters.  Tips as small as 500 nm in 
diameter have been used [Park 2007], but 5 µm tips jet in a regime that is easily tracked in real-time 
with a high-magnification camera.  The balance between applied backpressure and capillary force, 
along with ink properties like surface tension, defines the size and frequency of droplet ejection.  
With only backpressure, droplets are on the order of 50 µm in diameter – similar to inkjet printing.  
In e-jet printing, an electric field is generated by applying a voltage to the nozzle and grounding the 
substrate.  The otherwise spherical meniscus focuses into a Taylor cone [Park 2007].  By balancing 
voltage, stand-off height, and backpressure, a user can adjust the size and frequency of printed 
droplets.  Application of pulsed waveforms allows even greater control [Mishra 2010]. 
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 Our goal was to use the existing e-jet system to pattern protein ink on a hydrogel substrate.  
Park et al. have printed nucleic acids [2008], but proteins are more prone to clogging and 
degradation.  The polyacrylamide activation protocol described in the previous chapter was designed 
to make the substrates compatible with e-jet in two ways: first, to efficiently bind a printed protein 
and remain resistant to cell adhesion in unpatterned areas, and second, to be a flat and conductive 
substrate with consistent volume for e-jet printing.  The full procedure, including activation and cell 
seeding, is illustrated in Figure 3.1. 
  
 
Figure 3.1. (Left) Hydrogels were cast between an acryl-silanated and fluoro-
silanated glass coverslips.  The gels were soaked overnight in a glycerol solution 
before activating with EDC and NHS.  (Center) Schematic of the e-jet printer with 
protein ink and polyacrylamide substrate.  Stage positioning and nozzle voltage 
were controlled through a computer interface.  (Right) Proteins formed covalent 
bonds to acrylic acid monomers in the substrate via NHS groups.  During 
rehydration, remaining NHS groups were cleaved.  Cells seeded on the patterned 
substrates attached and spread only on the patterned spots. 
 
This work is the first use of a protein-based ink and the first use of soft substrates in a high 
resolution e-jet system.  We used immunofluorescence to detect the inks, and were able to match or 
exceed the resolution of comparable microstamping processes.  Finally, we demonstrated that 
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printed patterns supported cell culture.  Portions of this work was published in Macromolecular 
Bioscience [Poellmann 2011] and featured on the cover, while other results have been submitted as 
part of an article currently in review. 
 
3.2. Methods 
3.2.1. substrate preparation 
Glass coverslips of various sizes (VWR, Corning, or Electron Microscopy Sciences) were 
cleaned and treated for 5 min under 2 vol.% acryl-silane in 95 vol.% ethanol, pH 5.  The coverslips 
were rinsed with pure ethanol and placed on a 100C hotplate for 2 min.  Prepolymer solutions 
consisting of AAm (Bio-Rad), bis (Bio-Rad), and acrylic acid (Sigma) were prepared in 50 mM HEPES-
buffered saline.  In early studies with IgG and fibronectin inks (section 3.2.2), polymerization was 
initiated by adding 0.05 wt.% APS (Bio-Rad) and 0.01 vol.% TEMED (Bio-Rad).  Droplets were 
flattened between an acryl-modified coverslip and a polystyrene plate and polymerized at room 
temperature.  After soaking overnight in saline with 5 vol.% glycerol, the substrates were activated 
with droplets of 15 mM EDC and 25 mM NHS in 50 mM MES-buffered saline, pH 5 for 10 min.  
Immediately before printing, the substrates were partially-dehydrated by placing them on a 60 °C 
hotplate for approximately 5 min. 
In later work involving e-jet patterning with col/fn ink (section 3.2.2), we used 0.12 wt.% 
APS and 0.2 vol.% TEMED to speed polymerization.  Droplets 20 μl in volume were squeezed 
between acryl-modified coverslips and coverslips modified with either vapor-deposited 
(tridecafluoro-1,1,2,2-tetrahydrooctyl)-1-trichlorosilane (UCT) or treated under 0.5 vol.% 
tridecafluoro-(1,1,2,2-tetrahydrooctyl)-1-triethoxysilane (Gelest) in hexane.  Later techniques 
produced hydrogels ~50 μm thick with faster polymerization times.  The substrates were activated 
with droplets of 15 mM EDC and 25 mM NHS in 50 mM MES-buffered saline, pH 5 for 30 min, then 
partially dehydrated immediately before printing.  See Appendix A for fully-optimized protocols. 
3.2.2. ink preparation and visualization 
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 Immunoglobulin G (IgG) was used as a model protein because it’s relatively low-cost and can 
be visualized after treatment with just a single antibody.  IgG inks consisted of 5 mg/ml rabbit IgG 
(Pierce) in PBS, pH 7.4 and 20 vol.% glycerol.  Printed IgG was detected after washing with DyLight 
488-conjugated goat anti-rabbit secondary antibodies (Pierce) 
 Fibronectin inks consisted of 0.5 mg/ml human fibronectin (BD Biosciences) in 50 mM 
HEPES, pH 8.  Inks printed through 5 µm nozzles contained 20 vol.% glycerol (Fisher), while those 
printed through 2 µm nozzles contained 40 vol.% glycerol to compensate for increased clogging.  
Printed fibronectin was visualized on substrates after treatment with sheep anti-human fibronectin 
IgG (R&D Systems) and NL493-conjugated donkey anti-sheep IgG (R&D Systems). 
 The fully-optimized inks consisted of 0.35 mg/ml bovine type I collagen (BD Biosciences), 
0.5 mg/ml human fibronectin (BD Biosciences), 20 vol.% glycerol (Fisher), and 0.1 vol.% Tween-20 
(Sigma) in HEPES-buffered saline (Sigma).  The ink mixture was fluorescently tagged using the 
antibodies above.  The relatively density of protein on substrates with 0.2-0.8 wt.% acrylic acid were 
compared in ImageJ. 
3.2.3. e-jet preparation 
 The e-jet equipment used in this work was the same system described by Park et al. [2007].  
Substrates were placed on a vacuum chuck and grounded by laying aluminum or copper tape (3M), 
thus electrically connecting it to the chuck.  The chuck was mounted on a 5-axis (X, Y, Z, plus tilt along 
two axes), air-cushioned stage (Aerotech) with 10 nm resolution. 
 Luer-tipped micropipette nozzles with 2 or 5 µm nominal inner diameter (World Precision 
Instruments) were sputter-coated with a 5 µm layer of Au/Pd for conductivity (Denton Desk II TSC) 
and, immediately before printing, dipped in 1H,1H,2H,2H-perfluorodecane-1-thiol (Sigma) and air-
dried.  The thiol created a hydrophobic self-assembled monolayer on metal-coated nozzle, which 
helped aqueous-based inks such as these to jet rather than wick up the nozzle. 
The protein ink was pipetted into a stationary reservoir (Nordson) connected to a 
micropipette nozzle and mounted above the stage, and then connected to a pressure regulator.  The 
nozzle was connected to a voltage amplifier (Trek) via alligator clip in early versions (Figure 1.4.a) or 
 38 
 
 
via custom-designed holder in more recent experiments (Figure 1.5.a).  Nozzle voltage, separation 
distance, and stage displacement were controlled through a custom-designed LabView interface.  
Backpressure was controlled with a manual regulator.  Printing and stage displacement were 
monitored in real time using an Infinity 3 camera (Luminera Scientific) with an Edmund Optics high 
magnification lens. 
Once the system was initialized and control software (LabView) booted up, hydrogel 
substrates were attached to a glass slide for easier handling before placing them on the chuck.  
Protein ink was added to a syringe reservoir was fitted with a nozzle and placed in a stationary 
fixture above the substrate.  The nozzle was connected to a voltage amplifier (Trek) via alligator clip 
in early versions (Figure 1.4.a) or via custom-designed holder in more recent experiments (Figure 
1.5.a).  The high magnification camera (Luminera Infinity3 camera with Edmund Optics lens) and 
backlighting were adjusted to be centered on the nozzle, and the stage was slowly moved up until it, 
too, was visible in the camera feed.  The substrate was levelled by translating the stage back-and-
forth, noting the changing distance between the nozzle and its reflection in the substrate, and 
adjusting the tilt axes accordingly.  This step was critical, as even a slightly-tilted substrate would 
result in inconsistent electric fields, and therefore inconsistent jetting conditions.  The stage was 
positioned to the correct standoff-height before applying enough backpressure to eject droplets from 
the tip.  This was necessary to clear excess thiol solution from the tip and ensure that the entire 
nozzle was filled with ink.  For a 5 μm tip, this typically occurred at 4 psi.  Variations in this pressure 
were indicative of manufacturing defects in the tips.  Next, a relatively low backpressure was set, the 
power supply was turned on, and a DC voltage signal was slowly increased until droplets began 
jetting.  The user, at this point, would translate the stage back-and-forth, slowly adjusting the 
pressure and voltage settings until jetting conditions were favorable.  After backpressure and voltage 
waveforms were identified for adequate jetting, patterns were created either through real-time 
control of stage motion or by executing programs written in G-code. 
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3.2.4. cell culture 
Substrates used for cell culture were thoroughly rinsed with PBS and sterilized either by 
submerging in 70 vol.% ethanol or 30 min exposure to 254 nm UV light, then thoroughly rinsed with 
culture medium.  Rat primary stem cells, passage 3 (Millipore), mouse D1 ORL UVA mesenchymal 
stem cells, passage 8-15 (ATCC), and mouse MC3T3-E1 preosteoblast cells, passage 3-10 (ATCC) 
were expanded in T-75 flasks (Sarstedt) in 37C, humidified incubators with 5% CO2 and passaging 
with 0.05% trypsin EDTA (Gibco).  Primary and D1 MSCs were cultured in Dulbecco’s Modified Eagle 
Medium-low glucose, modified to contain 4 x 10-3 L-glutamine, 1x10-3 M sodium pyruvate, and 3.7 
g/L sodium bicarbonate (UIUC Cell Media Facility).  E1s were cultured in Alpha Modified Eagle 
Medium without ascorbic acid, modified to contain 2 mM L-glutamine and 1 mM sodium pyruvate.  
All media were supplemented with 10 vol. % fetal bovine serum (Gibco) and 100 U/ml penicillin-
streptomycin (Mediatech). 
 
3.3. Results and Discussion 
3.3.1. printing a model protein on polyacrylamide substrates 
 IgG was initially used in protein ink because it is easily visualized with immunofluorescence 
and is relatively low-cost compared to extracellular matrix proteins.  While a wide variety of inks had 
been printed with this high-resolution e-jet system [Park 2007, Park 2008, Park 2010], this was the 
first time that proteins had been printed.  Initial parameters were chosen based on previous work by 
Park et al. printing nucleic acids [Park 2008].  Glycerol was added to mitigate evaporation at the tip 
and protein aggregation. 
 IgG ink was jetted with 1-3 psi backpressure, 250-350 V, and 30 µm stand-off height.  The 
precise backpressure and applied voltage differed with each substrate and nozzle.  The stand-off 
height was chosen based on previous work [Park 2007], while the backpressure and voltages were 
slowly increased until jetting behavior was observed.  Consistent with predictions [Choi 2008], 
increasing pressure resulted in larger droplets, while increasing voltage both increased jetting 
frequency and reduced the size of droplets.  Spots of proteins were printed on 9, 20, and 35 kPa 
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substrates.  Figure 3.2 shows these spots after rinsing and treating with fluorescent antibodies.  
Confocal images of droplets approximately 10 µm in diameter show fluorescence as deep as 30 µm 
from the surface of the substrate.  We attributed this depth to hydrogel expansion during 
rehydration, though it’s possible that the ink jetted with enough force to embed proteins inside the 
gel. 
 
 
Figure 3.2. IgG was used as a low-cost, easily to detect, model protein.  Fluorescent 
antibodies show protein conjugation on (a) 9, (b) 21, and (c) 34 kPa substrates.  (d) 
An array of 10 μm droplets.  (e) Using confocal microscopy, fluorescence was 
detected approximately 30 μm below the surface of the hydrogel. 
 
 The use of a model protein allowed us to quickly and economically test a range of ink 
compositions and substrate activation procedures.  Even before the first immunofluorescent results, 
working with IgG revealed three important things: 1) partial-dehydration of the substrate was 
necessary for consistent printing, 2) the inks required salt for conductivity, and 3) the inks required 
glycerol to minimize clogging.  Successful jetting was informative in that it provided voltages and 
backpressures at which ECM-based inks would be expected to jet, allowing us to minimize waste of 
more costly materials.  Finally, immunofluorescence showed that proteins were conjugated to the 
surface of the hydrogels because they remained after rinsing and rehydrating. 
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3.3.2. printing fibronectin on polyacrylamide substrates for cell culture 
 Fibronectin is an extracellular matrix protein widely used to functionalize substrates for cell 
attachment [BD Biosciences].  As the fibronectin stock solution only contained 1.0 mg/ml, inks were 
formulated with a total of 0.5 mg/ml protein, in addition to 20 vol.% glycerol, 0.05 vol.% Tween-20 
to further reduce clogging.  Like glycerol, Tween interfered with hydrogen bonding between protein 
strands that otherwise lead to aggregation. 
The figure below shows immunofluorescently labelled fibronectin after printing with a 
direct current (DC) voltage signal (Figure 3.3.a,b) and a pulsed voltage signal (Figure 3.3.c).  A 
relatively high voltage through a 5 µm nozzle resulted in continuous jetting.  By translating the stage, 
we patterned lines approximately 5 µm wide (Figure 3.3.a).  At a relatively lower voltage, we 
observed droplets jetting at a constant frequency (~0.2 Hz), allowing us to translate the stage after 
each one (Figure 3.3.b).  Finally, we achieved our highest resolution to date by jetting through a 2 
µm-diameter nozzle at 10 Hz and translating the stage at 100 µm/s.  These inks contained 40 vol.% 
glycerol, as 20 vol.% mixes tended to clog 2 µm nozzles more frequently than 5 µm.  The resulting ~2 
µm diameter spots, did not support cell attachment.  We attribute this to the fact that the droplets 
contained so little protein, even at 0.5 mg/ml, that cells could not form focal adhesions to them.  
Higher resolution is possible, however, and Shigeta et al. [2012] have since printed protein spots on 
rigid substrates for biosensor applications that were 340 nm in diameter. 
 Cells adhered to printed patterns after the substrates were sterilized and rehydrated in 
medium.  Figure 3.3.a, below, shows images of primary MSCs stained with rhodamine phalloidin 
adhering to, and elongating along, an immunofluorescently labelled fibronectin stripe printed in DC 
mode.  The large Nano-CEMMS logo (figure 3.4.c) was created by printing nearly continuous lines 
printed with a pulsed voltage signal while rastering the stage back-and-forth.  The voltage and stage 
controls were defined by G-code. 
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Figure 3.3. Immunofluorescently labelled fibronectin.  (a) Spots printed under DC 
voltage.  The stage was repositioned after each droplet to create an array.  (b) 
Stripes printed under a higher DC voltage, a result of continuous jetting and steady 
stage displacement.  (c) High resolution spots roughly 2 µm in diameter, printed at 
10 Hz using a pulsed voltage signal.  A version of this figure was published in 
Macromolecular Bioscience [Poellmann 2011]. 
 
 
 
Figure 3.4. Cells adhered to printed fibronectin patterns.  (a) A primary MSC, stained 
with rhodamine phalloidin, was observed stretching along a narrow strip of 
immunofluorescently labelled fibronectin.  (b) Individual D1 cells, and some pairs, 
adhered to an array of printed fibronectin spots.  (c) D1s proliferated to fill a 
pattern.  A portion of this figure was published in Macromolecular Bioscience 
[Poellmann 2011]. 
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 These results were the first instance of protein patterning with a high-resolution e-jet 
printer, and the first use of e-jet patterned material as a substrate for cell culture.  
Immunofluorescence showed that fibronectin was conjugated to the surface, and cell attachment 
proved that it retained its functionality. 
3.3.3. optimization of a collagen/fibronectin mixture 
 A collagen-based ink was formulated for further work because the osteoid 
microenvironment is highly collagenous.  Studies on rigid substrates have shown that collagen 
coatings enhance osteogenesis [Lynch 1995, Salasznyk 2004].  Further, Janmey’s group has shown 
that cell response to polyacrylamide stiffness depends on the protein conjugated to it [Winer 2011].  
As collagen naturally forms a gel with rising concentration, temperature, and pH [BD Biosciences], 
further ink formulation was necessary.  Through trial-and-error, we found that 20 vol.% glycerol and 
0.1 vol.% Tween-20 allowed for printing.  Both additives disrupt the secondary bonding between 
protein chains.  We measured the viscosity and surface tension of several mixtures.  The viscosity of 
all protein-containing inks was significantly greater than that without (p < .0050 for each pairwise 
comparison).  The surface tension did not depend on the presence of concentration of protein (p = 
.5970). 
 
 
Figure 3.5.  Protein influenced the viscosity but not the surface tension of ink 
solutions.  (a) All protein-containing inks were significantly more viscous than ink 
without.  (b) Protein did not alter surface tension of the ink solution. 
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The fully-optimized mixture consisted of 0.35 mg/ml collagen I and 0.05 mg/ml fibronectin.  
More concentrated inks tended to clog the nozzle.  A small amount of fibronectin was included to 
help short-term cell adhesion.  We observed that it took more time for our cells to form strong 
adhesions to collagen than to fibronectin (data not shown), and we need cells to adhere as quickly as 
possible so that non-adhered cells could be easily rinsed off of nonpatterned regions.  With 
fibronectin, we can rinse the gels 20 min after seeding and see cells attached to patterned regions.  
Without fibronectin, we had to wait an hour before rinsing, and we then observed a large number of 
cells adhered (though not spreading on) non-printed hydrogel.  The viscosity and surface tension 
measurements were important to the extent that they may guide alternative ink formulations in the 
future.  As we have had success printing inks with viscosity of 4 cP and surface tension 39.5 mN/m, 
future protein concentration, glycerol content, and Tween content can be balanced to match these 
values. 
Optimized stage motion and voltage controls for collagen/fibronectin ink gave us flexibility 
to print arbitrary patterns on polyacrylamide.  Above (Figure 3.3.c), a pulsed waveform was used to 
drive jetting at a constant frequency [Mishra 2010], but the individual droplets were so small and 
contained so little protein that they did not support cell adhesion.  However, by programming the 
stage to “dwell” in one place while small droplets accumulated, droplets of any size could be 
patterned relatively quickly.  The spots in Figure 3.3.a jetted once every 5 seconds, while pulsed 
waveforms allowed similar-sized spots to be printed in 0.5 s.  Machine language (G-code) was used to 
control stage displacement in such a way as to create arrays of spots spaced 22 µm apart, dwelling 
for 0.5 s at each spot.  We found that the first two spots in any given pattern required slightly longer 
dwell times to account for meniscus formation, and the final spot required a dwell after cutting the 
voltage to avoid trailing droplets off when moving to another pattern.  With these rules, we can 
render any arbitrary pattern of spots.  Below, cells are shown adhered to an array of spots forming a 
block “I” are shown below. 
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Figure 3.6. (Left) Schematic of the pattern defined in machine code controlling stage 
location and (Right) MC3T3-E1 cells stained with rhodamine phalloidin (red) and 
DAPI (blue) after four days in culture. 
 
We further treated substrates with anti-fibronectin and fluorescent antibodies to visualize 
the patterns.  We first noted that the detected patterns tended to appear as discrete spots, even when 
the ink droplets appeared to coalesce on the hydrogel during printing.  We also noted that the 
microscale wrinkling that we previously saw (Appendix B.IV, Figure B.9) was no longer present, 
though some longer creases on the order of 100s of microns in length may be present.  We printed 
the collagen/fibronectin ink on substrates containing 0.2, 0.4, and 0.8 wt.% acrylic acid.  We found an 
increase in signal intensity on substrates with higher acrylic acid, consistent with the quantitative 
assays presented in Chapter 2. 
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Figure 3.7. Examples of immunofluorescent labeling of fibronectin on substrates 
with (a) 0.2, (b) 0.4, and (c) 0.8 wt.% acrylic acid.  Brightness and contrast adjusted.  
(d) Quantification of relative brightness of spots with respect to unpatterned 
substrate (before brightness and contrast adjustment), suggested higher protein 
density on 0.8 wt.% hydrogels. 
 
 
 
The G-code was used to pattern larger areas, such as the ~2x2 mm array of ‘spots’ and ‘rings’ 
with various diameters shown in Figure 3.8g.  The pattern shown took approximately 10 min.  The 
only operator input required once the first column of ‘spots’ was patterned was repositioning the 
stage after each column was completed and slight modifications to the voltage to maintain printing 
consistency.  The substrates supported MC3T3-E1 cells for four days before fixing and staining. 
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Figure 3.8 Illustration (a,d), and immunofluorescent labeling (b,e) of ‘spot’ (a,b) and 
‘ring’ (d,e) patterns printed with e-jet.  (c,f) MC3T3-E1 cells stained with rhodamine 
phalloidin (red) and DAPI (blue) after 4 days culture.  (g) Image of a patterned array 
of ‘spots’ and ‘rings’ covering several square mm. 
 
 
 
 
 48 
 
 
 The results in section 3.3.3 showed that e-jet could be used to print a collagen-based 
ink in arbitrary patterns, and at a speed that allowed for the fabrication of substrates in 
quantities necessary for cell culture experiments.  The DAPI/actin stains showed that cells 
form functional adhesions to the printed patterns and could be cultured for up to four days 
without spreading on to unpatterned regions. 
3.3.4. comparison with other technologies 
 E-jet is a flexible, non-contact patterning system that is technologically similar to 
inkjet printing, but capable of much higher resolution [Ilkhanizadeh 2007].  In the paper 
introducing the same e-jet system used in this work, Park et al. [2007] demonstrated 
patterns with features smaller than 100 nm.  In this work, we demonstrated spots as small as 
2 µm in diameter.  However, spots at this diameter did not contain enough protein to 
support cell attachment.  Smaller protein features are possible.  Shigeta et al. [2012], using 
the same e-jet system, patterned proteins on rigid substrates for biosensor applications with 
spots as small as 340 nm in diameter.  They also demonstrated that printed streptavidin 
retained its biotin-binding functionality after printing, indicating that the jetting process did 
not cause proteins to denature.  Alternative ink formulations, possibly involving peptides 
rather than full proteins, might be used in the future to push resolution to the same point for 
polyacrylamide cell substrates.  In producing cell substrates in section 3.3.3 and Chapter 4, 
we based patterns on arrays of 20 μm diameter spots because they could be printed quickly, 
were large enough to monitor in real-time, and were smaller than an individual cell.   
 Although there are a number of methods available to pattern proteins on rigid 
substrates [ref?], the majority of publications involving hydrogel substrates are proof-of-
concept studies using either photolithography or microcontact printing.  Both have the 
benefit of patterning large areas faster than e-jet, but are hampered by low-flexibility and 
require more ink material.  Photolithographic methods have not been demonstrated to 
pattern features smaller than 50 µm [Hahn 2006, Moon 2009].  However, researchers have 
used microcontact printing to achieve features as small as 2 µm [Rape 2011, Burnham 2006, 
 49 
 
 
Damljanovic 2005, Hynd 2006, Cimetta 2009].  Other methods include e-beam lithography 
[Dos Reis 2010] and two-photon adsorption using a laser scanning microscope [Hoffmann 
2010], both of which require expensive instrumentation, and neither directly pattern 
proteins.  Several techniques are compared in Table 3.1, below. 
 
 
 
 
Table 3.1 Comparison of techniques for micropatterning proteins on hydrogels 
method smallest feature material chemistry reference 
e-beam lithography 0.5 µm lines polyacrlyamide irradiation Dos Reis 2010 
two-photon adsorption 
laser scanning lithography 
1 µm lines polyethylene glycol acrylated RGD Hoffmann 2010 
e-jet printing 2 µm  dots polyacrylamide NHS Poellmann 2011 
transfer after microcontact 
printing on glass 
2 µm  dots polyacrylamide physical 
entrapment 
Rape 2011 
5 µm lines polyacrylamide physical 
entrapment 
Tang 2012 
microcontact printing on 
hydroel 
2 µm lines polyacrylamide sulfhydryl Burnham 2006 
10 µm lines polyacrylamide aldehyde Damljanovic 
2005 
10 µm  lines polyacrylamide biotin Hynd 2007 
100 µm lines polyacrylamide unclear Cimetta 2009 
photolithography 40 µm lines polyethylene glycol acrylated RGD Hahn 2006 
50 µm lines polyethylene glycol acrylated RGD Moon 2009 
inkjet 500 µm lines polyacrylamide unclear Ilkhanizadeh 
2007 
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3.4. Summary and Conclusions 
 This chapter described the development and optimization of a method to pattern 
extracellular matrix proteins on polyacrylamide using e-jet printing.  This was the first use of a 
protein-based ink and the first use of soft substrates in a high resolution e-jet system.  We used 
immunofluorescence to detect the inks, and were able to match or exceed the resolution of 
comparable microstamping processes.  Finally, we demonstrated that printed patterns supported cell 
culture.  The result was a flexible platform for manufacturing cell substrates with high resolution 
patterned adhesive features on a soft hydrogel. 
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Chapter 4. Patterning Osteoblasts into Nodules 
  
4.1. Introduction 
 The goal of this chapter was to demonstrate that e-jet could be used to pattern osteoblasts 
into bone nodule-like multicellular structures on substrates compatible with traction force 
microscopy (TFM).  We successfully patterned MLO-A5 cells, characterized their packing density on 
patterned substrates, and ran preliminary TFM experiments.  These experiments represented the 
first steps towards our broader motivation, which is understanding how cell contractility changes in 
the nodule microenvironment and how contractility relates to the formation of mineralized tissue. 
 Although this work is ongoing, it will be impactful in several ways.  While a number of 
research groups have begun to look at traction under confluent or small groups of cells [du Roure 
2005, Trepat 2009, Maruthamutu 2011, Hur 2012, Notbohm 2012, Mertz 2013], few have measured 
traction under precisely-patterned groups of cells.  The only similar work was from Chris Chen’s lab 
[Nelson 2005, Alom Ruiz and Chen 2008], which stamped adhesion proteins onto micropost arrays.  
While useful and informative, micropost arrays have much lower spatial resolution than 
polyacrylamide TFM substrates.  Cells attach to silicone microposts at a limited number of discrete 
points, but perceive polyacrylamide to be a continuous surface. 
 The work may have a larger impact in the field of bone biology.  As explained in Chapter 1, 
cells switch from primary cell-matrix adhesions to primarily cell-cell adhesions during 
differentiation.  It is well-established that matrix mechanics influence the earliest stages of 
osteogenesis through cell contractility [Engler 2006, Rowlands 2008, Hsiong 2008, Winer 2009], but 
cells at later stages clearly rely heavily, if not mainly, on cadherin adhesions for cytoskeletal support 
[Mbalaviele 2006].  Individual cells in culture begin flat and widely-spread, but in the course of 
proliferation grow into a monolayer of cells.  As they differentiate further, clusters of cells pack 
tightly together and adopt a cuboidal morphology in what bone biologist term “nodules” [Nefussi 
1997, Bellows 1986].  The nodules eventually become multilayered structures, and cells in the center 
express more advanced markers of osteogenesis, such as osteocalcin, than cells at the periphery 
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[Pockwinse 1992, Nefussi 1997, Malaval 1999].  Mineralization begins under these nodules before 
anywhere else in culture. 
 The nodule is the fundamental unit of in vitro bone formation, yet it is not well understood.  
Primary cells can form nodules mm in diameter on polystyrene [Malaval, 1999], while Khatiwala et 
al. [2006] reported MC3T3-E1 cells forming nodules on the order of 10 μm on polyacrylamide.  Open 
questions include 1) what is the minimum area required for nodule, and therefore bone, formation, 
2) how does substrate stiffness influence nodule, and therefore bone, formation, and 3) how do 
osteoblasts within a nodule mechanically interact with the substrate?  In Chapter 2, we demonstrated 
the ability to pattern arbitrary shapes on polyacrylamide with e-jet, providing a platform with which 
we can pursue questions 1 and 2.  In this chapter, osteoblasts were patterned on TFM substrates to 
enable us to attack the question 3. 
 MLO-A5 late osteoblast cells were patterned on hexagonal patterns ranging in area from 
1782 to 21399 μm2.  Cytoskeletal stains revealed differences in actin architecture between the flat, 
isolated, unpatterned cells and those in nodule structures, while nuclear stains were used to quantify 
packing density.  Confocal microscopy revealed that patterned nodules adopted concave shapes.  
Finally, preliminary scans of nodules and unpatterned cells showed that the patterned substrates 
were compatible with TFM, but further improvements in imaging methods are necessary before 3D 
traction forces can be quantified.   
 
4.2. Methods 
4.2.1. substrate preparation 
Glass coverslips (22 mm square VWR or 25 mm diameter Electron Microscopy Sciences) 
were cleaned, etched for 30 min under 5 M NaOH, then treated for an hour under 2 vol.% acryl silane 
in 95 vol.% ethanol, pH 5.  The coverslips were rinsed with pure ethanol and placed on a 60C 
hotplate for 2-5 min.  Prepolymer solutions consisting of 5.8 wt.% AAm (Bio-Rad), 0.15 wt.% bis 
(Bio-Rad), 0.40 wt.% acrylic acid (Sigma) were prepared in 50 mM HEPES without NaCl.  Substrates 
for traction force microscopy also contained 0.3 wt.% (15 vol.%) 1 µm-diameter, FITC-containing 
polystyrene microspheres (Invitrogen).  Polymerization was initiated by adding 1.2 vol.% APS and 
 53 
 
0.2 vol.% TEMED to speed polymerization.  Droplets were flattened between acryl-modified 
coverslips and fluoro-modified coverslips.  The latter had been cleaned, treated under 2.5 vol.% 
tridecafluoro-(1,1,2,2-tetrahydrooctyl)-1-triethoxysilane (Gelest) in hexane, rinsed and air-dried 
before use.  
Substrates were activated the day of printing.  Droplets of 15 mM EDC and 25 mM NHS in 50 
mM MES-buffered saline were placed on the surface of each gel for 30 min.  The gels were rinsed in 
DI water and placed on a 60C hot plate. 
4.2.2. ink preparation 
 Inks consisted of 0.35 mg/ml bovine type I collagen (BD Biosciences), 0.5 mg/ml human 
fibronectin (BD Biosciences), 20 vol.% glycerol (Fisher), and 0.1 vol.% Tween-20 (Sigma) in HEPES-
buffered saline (Sigma). 
4.2.3 e-jet preparation 
 Hydrogel substrates were taped to a slide before placing on the vacuum chuck.  Aluminum or 
copper tape (3M) was placed along the edge of each hydrogel and attached to ground.  The chuck was 
mounted on a 5-axis (X, Y, Z, plus tilt along two axes), air-cushioned stage (Aerotech) with 10 nm 
resolution. 
 Luer-tipped micropipette nozzles with 5 µm nominal inner diameter (World Precision 
Instruments) were sputter-coated with a 5 nm layer of Au/Pd for conductivity (Denton Desk II TSC) 
and, immediately before printing, dipped in 1H,1H,2H,2H-perfluorodecane-1-thiol (Sigma) and air-
dried. 
The protein ink was pipetted into a stationary reservoir (Nordson) connected to a 
micropipette nozzle and mounted above the stage and connected to a pressure regulator.  The nozzle 
was connected to a voltage amplifier (Trek) with a custom-built syringe mount.  Nozzle voltage, 
separation distance, and stage displacement were controlled through a custom-designed LabView 
interface.  Backpressure was controlled with a manual regulator.  Printing and stage displacement 
were monitored in real time using an Infinity 3 camera (Luminera Scientific) with an Edmund Optics 
high magnification lens. 
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4.2.4. cell culture 
MLO-A5 late-osteoblast cells, a generous gift of Prof. Lynda Bonewald (University of Missouri 
– Kansas City) were expanded in collagen-coated T-75 flasks (Sarstedt) in 37C, humidified 
incubators with 5% CO2 and passaging with 0.05% trypsin EDTA (Gibco).  A5s were cultured in Alpha 
Modified Eagle Medium without ascorbic acid, modified to contain 2 mM L-glutamine and 1 mM 
sodium pyruvate supplemented 5 vol.% fetal bovine serum and 5 vol.% fetal calf serum (Gibco) and 
in flasks coated with collagen (BD Biosciences).  All media were supplemented with 100 U/ml 
penicillin-streptomycin (Mediatech).  These cell lines are referred to as D1s, E1s, and A5s for brevity. 
Substrates were placed in 35 mm polystyrene dishes, rehydrated in PBS and sterilized with 
30 min exposure to 254 nm UV light.  Substrates containing fluorescent beads were additionally 
rinsed for at least 5 min under 1% bovine serum albumin in PBS to help block non-specific binding.  
All substrates were rinsed 5 times with serum-free medium and stored in the incubator for at least 1 
h to equilibrate before seeding.  Cells were either seeded at either 5 x 103 cells/dish or 1 x 105 
cells/dish, incubated for 20 min, and rinsed.  Low density cultures were evaluated 1 day after 
seeding.  High density substrates were evaluated 4 days after seeding. 
4.2.5. fluorescent imaging 
Cells were fixed in neutral buffered formalin (Sigma) and permeabilized with Triton X-100 
(Sigma).  Substrates were treated with rhodamine phalloidin (Invitrogen) and DAPI (Invitrogen) to 
visualize the actin cytoskeleton and nuclei, respectively.  Images were collected using a QImaging 
CCD camera mounted on a Leica DMI 400 B inverted microscope and processed with NIH ImageJ.  
Cell number was determined by counting the nuclei, while nodule area was calculated using 
measurements taken from images of rhodamine phalloidin. 
Confluent cells on substrates without beads were fixed, treated with anti-alpha 1 integrin 
(R&D Biosciences), followed by NL-557-conjugated secondary antibody (R&D Biosciences) and DAPI.  
Images were obtained using the confocal microscope described below, and processed with Zeiss Zen 
software. 
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4.2.6. traction force microscopy 
Cultures were treated with 5 µg/ml DiI (Invitrogen) for 30 min to stain cell membranes.  The 
substrates were them placed in an enclosed imaging chamber (Chamlide) with 1 ml medium and 
placed on the stage of a Zeiss 710 confocal microscope.  A 488 argon laser and a 561 DPSS laser were 
used to excite the beads and DiI, respectively.  Stacks of images were collected with a 20x, 0.8 
numerical aperture Plan Acromat lens.  Images consisted of 0.42 µm pixels in X and Y with 0.50 µm 
steps in z.  After collecting image stacks at 3-5 locations on a given substrate, 1 ml 5 wt.% sodium 
dodecyl sulfate (Sigma) in PBS was added via a syringe and tubing connected to the imaging 
chamber.  This destroyed the cells, allowing the bead-filled hydrogel to relax to its state prior to cell 
adhesion.  A second series of images were collected at each location.  The image stacks were sent to 
Christian Franck’s laboratory (Brown University) for further processing and calculation of 
displacement fields. 
 
4.3. Results and Discussion 
4.3.1. patterned cell nodules were tightly packed with more diffuse actin architecture 
Patterned A5 cells, cultured for 4 days and allowed to reach confluence, had a markedly 
different morphology than isolated cells (Figure D.1).  Nuclear staining showed that nodules 
consisted tightly-packed but rarely-overlapping cells (Figure 4.1.a-d).  The actin cytoskeleton 
appeared much more diffuse, with fewer stress fibers.  We further quantified the number of cells 
(from DAPI staining) and the size of the adhesion area (from rhodamine phalloidin staining, Figure 
4.1.e).  Where single A5 cells spread across an average of 1904 ± 497 μm2, cells packed in patterned 
nodules were significantly smaller (p < .0001).  Dividing nodule area by the number of cells within in 
provided an estimate of mean area per cell.  Cells within the smallest nodules were spread an average 
of 214 ± 36 μm2, while cells within the largest nodules were spread an average of 324 ± 62 μm2.  
ANOVA of nodules alone showed that mean cell area tended to increase with nodule size (p = .0409, 
but none of the pairwise comparisons reached statistical significance (Table D.5). 
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Figure 4.1. A5 cells grown for four days on patterned hydrogels.  (a-d) Four sizes of 
hexagonally-shaped nodules were evaluated.  (e) Cell number, as determined by 
counting cell nuclei, increased with nodule area, measured from the actin 
cytoskeleton.  The average area per cell increased slightly with nodule size (p  = 
.0409). 
 
4.3.2. patterned nodules formed monolayers with a concave basal surfaces 
 Confocal microscopy revealed the three-dimensional structure of patterned, confluent A5s 
(Figure 4.2).  These nodules were fixed and stained for alpha-1 integrin.  These scans confirmed that, 
although tightly packed, the cells remained in a single layer with no nuclei overlapping after 4 days 
culture.  More interestingly, the basal surface of each nodule was curved upward.  There may be 
several reasons for this.  First, it’s possible that the cells pull up on the gel in the middle of each 
pattern, perhaps reflecting the fact that these late-osteoblasts would be remodeling a soft 
collagenous layer in vivo.  We should detect upward displacement with TFM.  Second, it’s possible 
that lateral contraction caused the gel to buckle under the monolayer.  In this case, TFM may reveal a 
mix of upward and downward displacements under the patterned cells.  Third, the cells might form 
this nodule-like structure in an effort to biochemically seal a pocket beneath them to create a 
microenvironment more amenable to collagen fibril organization and mineralization.  In this case, 
TFM would reveal traction only at the edges of the patterns, and no displacements in the middle. 
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Figure 4.2. Confocal images of patterned, confluent A5 cells stained for alpha-1 
integrin revealed a concave-shaped monolayer.  Cells in the middle of each pattern 
were higher than cells at the edge. 
 
 There may be several reasons that A5s did not form multilayered structures described by 
many studies involving primary cells [Pockwinse 1992, Nefussi 1997, Malaval 1999].  First, four days 
is a relatively short time for nodule formation.  Confocal scans of cells grown to confluence on 
uniformly-coated substrates were also in a single layer at 4 days (data not shown).  Future work will 
involve cells cultured for longer periods of time.  Second, because A5s already resemble a late stage 
osteoblast [Kato 2001], they may behave differently from osteoblasts derived from primary tissue or 
cell lines that model earlier time points.  Future work will use D1s, E1s, and A5s as models for these 
different stages of differentiation. 
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4.3.3. patterned nodules are compatible with traction force microscopy 
 Confocal data for patterned A5s, as well as unpatterned cells of all types, have been collected 
and are currently being processed by our collaborators.  Figure 4.3, below, illustrates some of the 
scans collected. 
 
Figure 4.3. Confocal scans of a (a) single A5 and (b) patterned monolayer of A5s.  
Cells are visualized with DiI membrane stain (red).  Adding SDS to the imaging 
chamber destroyed the cells.  (c,d) Scans at the same locations following cell 
removal.  Images of the fluorescent beads (green) before and after cell removal are 
correlated to calculate traction stresses. 
 
 The resolution of these scans was limited compared with the immunofluorescent data 
(Figure 4.2) for two reasons.  First, DiI was an imperfect marker for cell membranes, and several 
nodules failed to incorporate enough dye to be visible in the confocal.  In the future, alternative live-
cell stains such as calcein should be explored.  Second, the thickness of the beaded gel meant that 
image quality was degraded near the nodule.  The Zeiss 20x Apocromat lens was manufactured for 
best use imaging cells on a no. 1 coverslip, while these samples were approximately 50 μm above 
that.  A 40x water-immersion lens with correction collar produced sharper images, but still detected 
less signal from beads near the surface than those near the coverslip (data not shown).  This lack of 
quality impacted preliminary TFM results (Figure 4.4-6). 
 Initial TFM experiments showed that cells exerted enough force to deform the matrix, but 
improvements in environmental and positioning control are necessary to collect data precise enough 
to quantify traction stresses in three dimensions.  The following three figures show substrate 
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displacement detected under a single, unpatterned A5 cell (Figure 4.4), a nodule 11,330 ± 1301 μm2 
(Figure 4.5), and a nodule 21,399 ± 1461 μm2 (Figure 4.6).  Each pixel on the XY displacement maps 
corresponded to 8 x 8 x 8 pixel cube in the scanned image, corresponding to a 3.36 x 3.36 x 3.36 μm 
volume.  Early results showed detectible and large displacements in the XY plane immediately under 
the cells for these three scans and other samples.  Larger displacement magnitudes were detected 
under nodules as compared with the unpatterned A5 cells, indicating that groups of cells are capable 
of exerting more force than single cells alone.  The largest displacements are located at the periphery 
of the cells and nodules and are directed towards the center, consistent with previously-published 
literature [du Roure 2005, Nelson 2005, Alom Ruiz and Chen 2008, Maruthamutu 2011, Notbohm 
2012]. 
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Figure 4.4. (top) 3D reconstruction of a single, unpatterned A5 cell and substrate 
during the first confocal scan.  (bottom) Displacement fields in the X (left) and Y 
(right) directions, calculated by the Franck laboratory at Brown University. 
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Figure 4.5. (top) 3D reconstruction of a 11,330 μm2 nodule and substrate during the 
first confocal scan.  (bottom) Displacement fields in the X (left) and Y (right) 
directions, calculated by the Franck laboratory at Brown University. 
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Figure 4.6. (top) 3D reconstruction of a 21,399 μm2 nodule and substrate during the 
first confocal scan.  (bottom) Displacement fields in the X (left) and Y (right) 
directions, calculated by the Franck laboratory at Brown University. 
 
All TFM signals were overwhelmed by drift, particularly in the Z dimension.  No accurate 
calculations could be made of Z displacement, and approximately half of the scans resulted in poor or 
unusable XY data.  The X and Y displacements in Figures 4.4-6 should have averaged to 0 for each 
field, but drifted as much as 8.5 μm in Figure 4.6.  The likely cause of this was a slow drop in 
temperature as the samples cooled from 37 °C to room temperature.  Further work should focus on 
reducing this effect, likely with the use of heated or environmentally-isolated stages, as well as using 
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higher magnification lenses with correction collars to mitigate signal loss at the tops of the samples.  
Inadequate control over stage positioning is another possibility.  Nevertheless, the TFM results here 
indicate that patterned cells were exerting significant and detectible patterns of traction on 
polyacrylamide, and remaining challenges have more to do with imaging equipment and design than 
with substrate fabrication or cell culture. 
 
4.4. Summary and Conclusions 
Here, we report preliminary results for patterning osteoblast nodules on soft substrates.  
Hexagonal shapes of collagen and fibronectin patterned with e-jet printing supported MLO-A5 cells 
for four days in culture.  The cells packed together in monolayer nodule structures ranging from 
1782 ± 98 μm2 to 21399 ± 1461 μm2.  Confocal microscopy revealed nodules to be concave in shape.  
Finally, preliminary TFM data showed that single cells and nodules deformed soft substrates, but 
further work is necessary before traction stresses can be accurately computed. 
Future work will consist of 1) patterning multiple cell types representing different stages of 
osteogenesis, 2) longer culture periods to measure changes in nodules over time, 3) visualizing the 
shift from cell-matrix to cell-cell adhesions with immunohistochemical staining of adhesion 
complexes and the cytoskeleton, and 4) improving TFM procedures to minimize drift.  The fourth 
point likely requires use of a microscope with an environmental chamber and more precise stage 
positioning control. 
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Chapter 5. Patterning Polyacrylamide Chemistry and Stiffness with 
E-Jet Printing 
 
5.1. Introduction 
 In an ideal in vitro microenvironment, a cell would perceive all the same chemical and 
physical signals it receives in vivo.  In Chapter 3, and in Macromolecular Biosciences [Poellmann, 
2010], we described a system to pattern adhesive proteins at subcellular scales.  The motivation in 
this chapter was to create substrates with spatial control over three microenvironmental factors: 
adhesion geometry, substrate chemistry, and substrate stiffness. 
 Polyacrylamide substrates with patterned stiffness would enable a number of experiments 
that are impossible with currently published methods.  The ability to print spots at multiple sizes, 
with different acrylic acid concentrations, and with different Young’s moduli would give us the ability 
to compare cellular responses to all these factors on a single substrate, saving material and reducing 
the number of experiments that would otherwise be required using the methods in Chapters 2 and 3.  
Patterning stiffness at smaller scales would also give us the ability to study cell response to sharp 
gradients in stiffness. 
 Here, hydrogel prepolymer was formulated as an e-jet ink and printed on a silicon substrate.  
Unlike the prepolymers described in Chapters 2 and 3, the ink in this study contained AAm, bis, 
acrylic acid, and a photoinitiator triggered by ultraviolet (UV) light.  The printed droplets were 
backfilled with a second prepolymer, capped with an acryl-silanated glass coverslip, and exposed 
again.  After separating from the silicon wafer, the patterned gel could be modified with proteins to 
support cell culture.  Because the ink and backfill were formulated with different total 
monomer/bis/acrylic acid concentrations, we effectively patterned stiffness and chemistry at 
subcellular scales with the e-jet printer. 
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Figure 5.1. (Left) Schematic of the e-jet printer with polyacrylamide ink and silicon 
substrate.  Stage position and nozzle voltage were controlled through a computer 
interface.  (Center) Prepolymer droplets were printed using e-jet, then exposed to 
UV light to crosslink them.  A backfilling prepolymer solution was placed over the 
droplets, flattened with an acryl-silanated coverslip, and exposed to UV light for 
crosslinking.  The patterned hydrogel was then peeled off the silicon.  (Right) 
Hydrogels were activated with NHS, treated with ECM proteins, rinsed and seeded 
with cells. 
 
 In the process of characterizing these substrates, we discovered that the printed spots 
formed wells in the backfill.  While that fact made it difficult to use the substrates to study how cells 
respond to micron-scale variations in substrate stiffness, it did open up another application: 
microwell arrays.  Because we can control the chemistry of the spots separately from the backfill, we 
can get protein conjugation and cell adhesion exclusively inside these wells.  As described in Chapter 
3, e-jet’s flexibility is an asset.  Where previous methods rely on molding [Gray 2003] and 
photolithography [Monge 2013, Nemir 2010], e-jet has the potential to produce wells with tightly-
controlled variation in diameter, stiffness, and chemistry.  This work represents a proof-of-concept, 
and further characterization is necessary before we can take full advantage of this fabrication 
technique. 
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5.2 Methods 
5.2.1. prepolymer formulation 
 Hydrogel prepolymers contained most of the same components as in Chapter 2: AAm (Bio-
Rad), bis (Bio-Rad), and acrylic acid (Sigma) in 50 mM HEPES-buffered saline.  Three total 
monomer/bis ratios were used: 4.2/0.10, 8.2/0.20, and 14.2/0.35 wt.%.  Acrylic acid concentration 
was 0.4 wt.% except where stated.  The initiator consisted of 2,2-dimethoxy-2-phenylacetophenone 
(DMAP, Sigma) dissolved in 1-vinyl-2-pyrrolidinone (NVP) at 300 mg/ml and added to the 
prepolymer at 2 vol.%.  Where stated below, solutions also included 20 vol.% glycerol (Fisher).  
Typically, inks contained glycerol to improve jetting and mitigate evaporation, while backfills did not 
have glycerol to improve separation from the substrate (data not shown).  In most cases, inks also 
contained 1 mg/ml of either methacryloxyethyl thiocarbamoyl rhodamine B (Polysciences) or 
fluorescein o-acrylate (Sigma), both of which copolymerized with AAm and could be detected with 
fluorescent microscopy.  Rhodamine was dissolved in NVP before adding to the prepolymer. 
5.2.2. bulk physical properties of prepolymer solutions and polymerized hydrogels 
 We sought to determine the influence of total monomer/bis content and glycerol on 
viscosity and surface tension, both of which influence jetting conditions [Choi 2008].  The viscosity of 
750 µl of prepolymer solution was determined using a Brookfield DV-II + Pro viscometer at 60 rpm.  
Surface tension was determined using an Attension Theta Lite drop tensiometer. 
 The material properties of polymerized gels were determined using tensile tests similar to 
those described in Chapter 2.  The main difference was in specimen preparation, as 
photopolymerized hydrogels tended to stick to the molds used in that work.  Instead, approximately 
3 ml prepolymer was poured in a 35 mm plastic dish and exposed to a 365 nm UV flood lamp (UVP 
Blak-Ray) for 120 s.  The resulting disk was removed, soaked overnight in PBS, and cut into 
rectangular strips roughly 8 mm wide, 3 mm thick, and 30 mm long.  These rectangles were glued to 
the same stainless steel rods (McMaster Carr) used in Chapter 2, placed in the same Bose fixture, and 
tested under the same conditions. 
 Finally, we measured the swelling ratio of the hydrogels to determine how printed features 
would change when rehydrated in PBS, and whether different swelling behaviors between 
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prepolymers with and without glycerol would give rise to differences in topography.  Hydrogel disks 
were cast using the method described above.  Cylindrical samples 12.5 mm in diameter were 
punched out of this disk immediately following polymerization and soaked overnight in PBS.  The 
swelling ratio was defined as the diameter of the disk after soaking divided by 12.5 mm. 
5.2.3. e-jet printing 
 Luer-tipped micropipette nozzles with 5 µm nominal inner diameters (World Precision 
Instruments) were sputter-coated with a 5 µm layer of Au/Pd for conductivity (Denton Desk II TSC) 
and, immediately before printing, dipped in 1H,1H,2H,2H-perfluorodecane-1-thiol (Sigma) and air-
dried. 
 Substrates consisted of p-type silicon wafers (WRS Materials).  The wafers were sectioned 
into quarters and placed in a vacuum desiccator with 10 µl tridecafluoro-(1,1,2,2-tetrahydrooctyl)-1-
trichlorosilane (UCT) for one hour before rinsing with ethanol.  The substrates were placed on the 
vacuum chuck and small pieces of aluminum tape were used to connect the top of the wafer with the 
chuck.  Substrates were often used multiple times between silane treatments, washing with soap and 
water after each printing session. 
 Nozzles were attached to a reservoir containing the ink solution and positioned 50 µm above 
a leveled substrate.  Note that the greater standoff height, chosen to minimize arcing that is common 
with a poorly-conductive substrate, requires higher backpressure and/or higher voltages for jetting 
compared with protein printing at 30 µm.  Positive voltages were used rather than negative, as is 
commonly done with most e-jet inks, but otherwise all other procedures were identical to those 
described in Chapter 2.  A red transparency was placed between the light source and the stage as a 
light filter to mitigate photobleaching. 
 After printing, the substrate was removed from the vacuum chuck and each printed area was 
exposed to 365 nm UV light (Dymax BlueWave) for 20 s at 1 cm.  Printed spots were then backfilled 
with a second prepolymer (typically 20-50 µl), flattened with an acryl-silanted 12 mm coverslip 
(VWR) and exposed for 20 s at 1 cm, followed by 60 s at 10 cm.  The sequence of exposures was 
determined through trial-and-error.  Shorter exposure times would result in incomplete 
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polymerization, while longer times resulted in the hydrogel sticking to the substrate.  Gels were 
separated from the wafer with tweezers and stored under PBS. 
5.2.4. fluorescent imaging 
 Patterned hydrogels containing rhodamine- or fluorescein-acrylate were imaged with a 
Leica DMI 4000 B inverted microscope with a QImaging Retiga 2000R camera.  NIH Image J was used 
for image processing.  Confocal images were obtained with a Zeiss 710 LSCM.  An argon 488 nm laser 
was used to illuminate gels with fluorescein, while a 561 nm DPSS laser was used with rhodamine.  
Images were collected with a 20x Apocrhomat lens (NA 0.8) in 1.00 µm z-steps.  Zen software (Zeiss) 
was used for image processing. 
5.2.5. topography and stiffness mapping with AFM 
 Arrays of force curves were collected with an MFP-3D-BIO AFM (Asylum) and MLCT silicon 
nitride probes (Bruker) with 10 pN/nm nominal spring constants.  Samples were attached to a larger 
glass slide with tape and submerged under a droplet of PBS.  The probe, re-submerged in a second 
droplet of PBS, was positioned over the sample and lowered into position.  Printed spots were 
located using the inverted fluorescent microscope.  Arrays of force curves, 50x50 points in size with 1 
µm spacing, were collected at a rate of 1 Hz, tip speeds ranging from 10-20 µm/s, and deflection 
feedback of 1-5 V.  The latter two values were chosen after collecting single curves on the spot and 
backfill, then adjusting to ensure that enough deflection data was collected after contact and the tip 
pulled far enough away from the surface to gather a sufficient baseline before indentation.  After 
collecting all scans on a given substrate, the probe spring constant was determined using thermal 
resonance measurements.  Several displacement curves were collected after pressing the probe 
against glass to determine the sensitivity. 
 The data were converted to *.csv files and analyzed in a custom-written Matlab program 
(detailed in Appendix E.III).  The program detects contact points, converts deflection curves into 
force using the spring constant and sensitivity, and then calculates Young’s modulus using a 
rounded-cone model of indentation [Costa and Yin 1999, Mathur 2001, Crick and Yin 2007]. 
5.2.6. finite element modeling 
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 Finite element modeling was used to show how topographical differences between printed 
spots and backfill resulted from hydrogel contraction during polymerization.  Hydrogels were 
modeled with coupled thermo-mechanical elements similar to the procedure Nelson et al. [2005] 
used to evaluate contraction of patterned cells.  Mechanical properties were taken from bulk 
measurements described above, while thermal properties were determined from photographs of 
hydrogels in profile, sandwiched between two coverslips and exposed to 365 nm UV light.  The model 
itself was axisymmetric, with a quarter-circle representing the droplet constrained to a square 
backfill with a tie constraint.  The top and bottom of the backfill were constrained with pin boundary 
conditions, while the droplet was free to displace.  Contraction was modeled as a one degree kelvin 
drop in the temperature of the backfill.  Liftoff was defined as the displacement of a node at the 
center of the droplet.  See Appendix E.IV for a full description of model design and calibration. 
5.2.7. protein coating and cell seeding 
 Substrate activation and seeding was similar to the methods described in Chapters 2 and 3.  
After peeling from the printing substrate, patterned gels were soaked in 5 vol.% glycerol with 137 
mM NaCl before treating for 30 min with 15 mM EDC and 25 mM NHS.  The hydrogels were partially 
dehydrated on a 60° hotplate, cooled to room temperature, then placed top-down on a droplet of 
collagen/fibronectin e-jet ink on Parafilm for approximately 5 min.  The hydrogels were then 
separated and placed in a dish at room temperature overnight. 
 The hydrogel substrates were rehydrated in PBS, sterilized with 30 min exposure to 254 nm 
UV germicidal lamp, and rinsed thoroughly with cell medium.  MC3T3-E1 cells (ATCC) were seeded 
in each dish.  For experiments with patterned chemistry, medium and non-adhered cells were 
removed after 20 min incubation.  Cells for fluorescent imaging were fixed with neutral buffered 
formalin (Sigma), permeabilized with Triton X-100 (Sigma), and stained with rhodamine phalloidin 
(Invitrogen) and DAPI (Invitrogen) before imaging on the Leica inverted microscope.  NIH ImageJ 
was used for image processing. 
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5.2.8. statistics 
 Bulk physical properties of hydrogels were compared using two-way ANOVA with Tukey 
post-hoc means comparisons using R software.  R was also used to find the Pearson product 
correlation between droplet diameter and depth. 
 
5.3 Results and Discussion 
5.3.1. bulk physical properties depend on the total monomer/bis content and glycerol 
 Glycerol increased viscosity (p < .0001) and decreased surface tension (p < .0001), two 
properties that influence jetting characteristics [Choi 2008].  In general, it was easier to identify 
conditions for jetting with inks more viscous than water (data not shown).  It also helped mitigate 
volume loss from droplets due to evaporation (see Appendix E.IV.ii).  Increasing the total 
monomer/bis content also increased viscosity (p = .0001) and somewhat decreased surface tension 
(p = .0513).  Characterizing and understanding the properties of liquid inks will help guide their 
design in the future. 
 
 
Figure 5.2 Glycerol impacted both the viscosity and surface tension of prepolymer 
solutions.  Total monomer/bis content influenced these properties to a lesser 
extent.   Glycerol was added to e-jet inks to improve printing consistency and 
mitigate evaporation, but left out of the backfill because it adhered more strongly to 
the printing substrate, hindering separation of the patterned hydrogel.  (a) Viscosity 
increased with both total monomer content (p = .0001) and the presence of 20 
vol.% glycerol (p < .0001).  (b) The surface tension of inks containing glycerol was 
significantly lower than those without (p < .0001), and moderately decreased as 
total monomer/bis concentration increases (p = .0513). 
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 Accurate measurements of Young’s modulus are critical when comparing cell responses to 
substrate stiffness from different laboratories and for relating in vitro results to in vivo 
microenvironments.  The bulk mechanical properties of polymerized gels were characterized with 
tensile tests.  All photopolymerized gels had different Young’s moduli than thermal polymerized 
hydrogels reported in Chapter 2 (p < .0001).  Within photopolymerized gels, glycerol decreases the 
Young’s modulus (p < .0001), and increases the swelling ratio (p = .0169) by small but statisically 
significant amounts.  Glycerol may inhibit polymerization, or through some other mechanism 
increase pore size in the hydrogels.  Increasing the total monomer/bis content increases the Young’s 
modulus, as expected (p < .0001), but neither Poisson’s ratio (p = .3952) nor swelling ratio change (p 
= .3968).  The statistically significant differences seen with respect to initiator and glycerol 
concentration underscored the need for accurate characterization of all materials used.  These values 
were critical inputs in the FE model described in section 5.3.4.  If, for example, glycerol is increased in 
the future to improve ink performance, further characterization will be necessary. 
 
 
 
Figure 5.3. Total monomer/bis content and the presence of glycerol impacted 
mechanical properties of polymerized hydrogels.  (a) As with thermal inititaors, 
Young’s modulus increased with the concentration of total monomer/bis (p < 
.0001), while including glycerol in the prepolymer lowered Young’s modulus (p < 
.0001).  (b) Poisson’s ratio was unaffected by either total monomer/bis content or 
glycerol.  (c) Hydrogels that were cast with 20 vol.% glycerol swelled slightly more 
than those without (p = .0169), while total monomer/bis content had no effect (p = 
.3968). 
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5.3.2. patterning confirmed with fluorescent microscopy 
 The inclusion of acrylated fluorophores in printed droplets made it possible to visualize the 
patterns with fluorescent microscopy.  Printing at relatively slow stage speeds resulted in smaller 
droplets coalescing into larger, oblong spots (Figure 5.4.a).  At relatively high voltages, droplets 
splatter upon contact (Figure 5.4.a).  This splattering was likely the result of increased momentum on 
contact with the printing substrate and greater instability caused by an increased number of charged 
molecules in the droplets.  On more hydrophobic substrates, this behavior often leads to arcing.  As 
with protein printing, the precise backpressure and voltage must be tuned for each nozzle.  Printing 
consistency from nozzle-to-nozzle is discussed further in Appendix E.I.  When backpressure and 
voltage are balanced appropriately, droplets of consistent size can be printed relatively quickly 
(typically 10 Hz).  Note that the slight variation in size from left-to-right in Figure 5.4.b is a result of 
imperfect stage leveling. 
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Figure 5.4. Fluorescent images of printed polymer containing rhodamine-acrylate 
embedded in a non-fluorescing backfill.  (a) Illustration of some common behaviors 
seen while printing under conditions that had not yet been optimized, including 
droplets coalescing and splattering.  (b) An example of a relatively large area (~1 
mm square) printed with an array of rhodamine-containing droplets.   
 
 As with all e-jet printing, the size of the droplets depends on the backpressure and the 
electric field strength [Choi 2008].  Figure 5.5.a-b, below, illustrate different droplet sizes printed on 
the same substrate.  Increasing the voltage and decreasing the backpressure together resulted in 
smaller droplets.  The droplets pictured below were 18.48 ± 0.63, 26.86 ± 0.82, and 7.61 ± 0.63 μm in 
Figure 5.5.a left, 5.5.a right, and 5.5.b, respectively.  To demonstrate multimaterial printing, a second 
reservoir and nozzle was loaded on the e-jet and 2 kPa prepolymer rhodamine ink was printed 
between rows of 44 kPa fluorescein ink after the first were exposed to 20 s UV light.  Figure 5.5.c, 
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below, was imaged after backfilling with non-fluorescing 18 kPa polymer and rehydrating.  All 
images in Figure 5.5 were from the same substrate.  
 
 
Figure 5.5. Three fluorescent images of the same patterned substrate.  (a, b) Droplet 
size was modulated by adjusting the backpressure and jetting voltages.  (c) 
Demonstration of multi-material printing.  After printing and polymerizing a 44 kPa 
gel with fluorescein-acrylate (green), a second reservoir and nozzle containing 2 
kPa prepolymer with rhodamine-acrylate was printed between between pre-
existing spots.  The backfill prepolymer was 18 kPa (non-fluorescing). 
 
 These results demonstrated the flexibility of e-jet printing.  In Figure 5.5.c, above, we 
demonstrated patterning multiple materials with different Young’s moduli together on one substrate.  
To our knowledge, patterning multiple hydrogels with different Young’s moduli at this scale has not 
been achieved with any other method.  With the current protocols and technologies, patterning 
multiple materials with e-jet is not trivial; this demonstration required replacing the nozzle and 
reservoir with a second and manually navigating to the point of printing.  However, further advances 
in multinozzle toolbits, controls, and position registration [Sutanto 2012] will allow for more efficient 
multimaterial patterning. 
 Confocal microscopy confirmed that droplets remained hemispherical after backfilling and 
rehydrating.  Patterned gels containing fluorescein-acrylate (Figure 5.6.a) and rhodamine-acrylate 
(Figure 5.6.b-d) were imaged using a laser scanning confocal microscope.  Resolution in Z was limited 
due to the thickness of the gels and the point-spread function, causing smaller droplets (5.6.b) to 
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appear elongated.  Images of droplets larger than 10 μm in diameter were significantly larger than 
the resolution limit and were more clearly hemispherical in confocal scans. 
 
 
Figure 5.6. Confocal images revealed the three-dimensional structure of patterned 
hydrogels.  (a) Droplets containing fluorescein-acrylate were hemispherical.  (b,c) 
Droplets containing rhodamine acrylate were printed on the same substrate and 
embedded in the same backfill.  Droplet size was modulated using the stage speed.  
(c) At slower speeds, droplets coalesced into larger spots.  (d) Confocal image of a 
‘macroscale’ droplet, pipetted rather than printed, rev eals some of the 
topopgraphical variation we later saw in AFM scans. 
 
 Figure 5.6.d, a scan of a larger, pipetted droplet showed some difference in topography 
across a droplet.  This was not apparent in 5.6.b or 5.6.c because of limited resolution of the lens used 
(20x/0.8 numerical aperature lens).  A lens with a higher objective along with image processing to 
deconvolute the point spread function at each pixel, may have revealed the differences in height 
across smaller droplets that we observed using AFM. 
 Fluorescent microscopy confirmed that printed droplets incorporated into the backfill after 
rehydrating the gels in PBS, and that they retained a hemispherical shape.  The fact that the droplets 
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stayed in the backfill indicated that the two materials were bonded together, despite being 
polymerized in separate steps.  It also likely meant that cells seeded on the surface of the hydrogel 
should perceive a continuous surface without cracks between the two materials. 
5.3.3. AFM revealed patterned topography 
 AFM was used to map differences in Young’s modulus and topography between printed 
spots and the backfill. Bruker (formerly Veeco) MLCT probes were used because they contained the 
only commercially available cantilevers soft enough to detect differences between the Young’s 
moduli of the hydrogels used and had pyramidal probes small enough to scan in 1 μm increments 
(Appendix E.III.ii).  We were limited to testing relatively large spots (20 μm in diameter or larger) 
because high magnification lenses could not be focused through the slide and hydrogel sample.  After 
collecting 50x50 arrays of force curves spaced 1 μm apart, topographical maps consistently revealed 
that spots were sunken below the surface of the backfill.  These microwells appeared regardless of 
stiffness or the presence of glycerol in either the ink or backfill prepolymers. 
 
Figure 5.7  Screenshots from an AFM indentation experiment using an Asylum MFP 
3D.  (a) Brightfield image with light spot centered on the end of a nominally 10 
pN/nm cantilever.  (b) Fluorescent image in the same field of view.  The fluorescent 
microscope was used to position the probe at the beginning of each test.  (c) 
Preliminary topography maps consistently showed droplets several microns lower 
than the surrounding backfill. 
 
 A custom Matlab program converted raw z-deflection data from AFM tests, calculated the 
contact point in each curve, and used a blunt cone model of indentation to calculate Young’s modulus 
at each point (see Appendix E.III.ii for details).  Topographical maps constructed using contact point 
 77 
 
data agreed with observations during testing: all spots appeared as microwells.  Interpretation of 
Young’s modulus was more challenging for four reasons.  First, and most important, calculations 
suggested that Young’s modulus was depth-dependent (Figure 5.9.d,e).  Deeper indentations 
returned stiffer values.  Second, among the many assumptions and simplifications required to model 
a pyramidal tip as a cone, the model assumes indentation into a flat surface.  Force curves from the 
sloping edges of microwells were inconsistent with those collected on flatter surfaces, and in many 
cases returned Young’s moduli that were far outside of the expected range.  The third challenge was 
that the nominal height of each probe was listed as 2.5-8.0 μm [Bruker].  Indenting into a spot deeper 
than the probe height would mean that the cantilever was hitting the lip of the microwell.  Fourth, 
our simulations (Appendix E.III, Figure E.3) suggested that it would be difficult to distinguish 
between hydrogels formulated below 10 kPa at 1 μm indentation.  In practice, it was extremely 
difficult to collect scans tuned to that level of indentation, and we typically shot for an average depth 
of 500 nm.  In practice, due to signal drift during lengthy experiments, we were able to consistently 
obtain maps at a maximum depth of 100 nm.  Our simulations suggested that there would be a 
difference of only 10 nm in the deflection of the tip pressing into our stiffest and softest hydrogels.  
Maps of Young’s modulus were inconsistent, with some showing expected differences in stiffness 
between the spot and backfill, some showing no difference, and some showing apparently no 
stiffness within the microwell (Figure 5.8). 
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Figure 5.8 Representative maps of Young’s modulus (color) overlaying topography 
collected by AFM.  AFM measurements at 100 nm typically underestimated the 
Young’s moduli within spots. 
 
 
Figure 5.9. Each spot of indentation required a series of calculations to form a map 
of Young’s modulus.  (b) A deflection-Z map is created after determining the contact 
point and adjusting for baseline drift.  (c) Force is calculated using the cantilever 
spring constant.  (d) Simple and (e) more complex models of indentation calculate a 
Young’s modulus at each point of indentation.  (b-e) Blue points indicate data 
collected near the middle of the nominally 15 kPa spot, black points were from the 
nominally 49 kPa backfill, and red points are from a point on the lip of the spot in 
between. Such points often gave significantly stiffer results than expected, likley due 
to the tip twisting on the uneven surface. 
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 The depths of the microwells were weakly correlated with their apparent diameters (r = 
.4983, p = .1722).  Diameters were estimated from lip-to-lip of microwells in topography scans.  
Fluorescent images could not be spatially registered with topography maps, however, the confocal 
image in 5.6.d suggested that the droplet goes to the edge of the microwell and that the lip-to-lip 
distance was an appropriate approximation.  Depth did not appear to depend on Young’s modulus 
(Figure 5.10), though more tests are needed before a definitive conclusion can be drawn. 
 
Figure 5.10. Summary of measured depth and apparent diameter from AFM height 
maps.  Depth was weakly correlated with diameter, but more data are necessary to 
draw firm conclusions.  Droplet stiffness is represented by the color of the circle, 
while backfill stiffness is represented by the color of the square. 
 
 
 AFM scans were successful in mapping topography, but not stiffness.  Young’s modulus 
calculations, which rely heavily on assumptions about probe geometry and indentation into a level 
surface (Appendix E.III.v), were too scattered and inconsistent to be matched to bulk measurements 
of stiffness.  The topographical patterning was only visible with AFM, and did not appear at all in 
fluorescent imaging.  Although weakly correlated with diameter, we did not have enough data points 
to draw firm connections between the depth of the microwells and stiffness, spacing, or backfill 
thickness. 
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5.3.4. topographical patterning is explained by hydrogel contraction during exposure 
 We hypothesized that microwells emerged during backfill exposure to UV.  The hydrogel 
backfill consistently and noticeably shrank inward from the edges of the coverslip, and that 
contraction lifted previously-printed droplets off the substrate.  We used FEM to see if this 
contraction described microwell formation, and whether would allow for predictions relating liftoff 
height to droplet geometry or mechanical properties.  Such predictions are valuable because AFM 
scans each take a significant amount of time and resources. 
 Hydrogel contraction was modeled using thermo-mechanical elements and one degree 
Kelvin temperature drop, similar to the method Nelson et al. used to model contraction of a cell 
monolayer [Nelson 2005].  The amount of contraction depended on the coefficient of thermal 
expansion, which was determined to be -0.0002 after calibration.  The calibration procedures are 
described in Appendix E.IV.ii.  The models consisted of an axisymmetric quarter-circle surrounded by 
a rectangular backfill.  Droplets were meshed at 0.5 μm, while edges further away were meshed at 5 
μm. 
 
 
 
Figure 5.11. The mesh and boundary conditions of a typical FE model consisting of a 
10 μm radius droplet (lower left) embedded in a backfill 100 μm wide x 100 μm 
thick.  The models were axisymmetric about the dotted line.  X-symmetric refers to 
an X=0 displacement boundary condition.  The interface between the droplet and fill 
was defined as a tie constraint. 
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The model predicted that liftoff, and therefore the depth of the microwells, strongly 
depended on droplet radius.  Liftoff increased linearly with radius, resulting in 1-5 μm height 
differences between the center of a spot and the backfill.  Backfill width, related to half of the droplet 
spacing, and thickness had little influence on liftoff when those dimensions were greater than twice 
the droplet radius.  The model therefore predicted that droplets would be spaced very close together, 
on the order of three times their radius, to increase liftoff.  Liftoff would be minimized with a thinner 
backfill, though still present even when the backfill is 11 μm and the droplet radius is 10 μm.  The 
droplet in this situation was predicted to lift off 500 nm.  Figure 5.10, below, shows the results of 
these simulations for droplets defined with two coefficients of expansion.  Droplets given the same 
coefficient as the backfill (-2x10-4 allowing them to contract with the backfill) lifted off farther than 
droplets defined with a near-zero coefficient (-2x10-12, which had near-zero contraction).  These 
droplet models were termed “shrinking” and “non-shrinking,” respectively.  Both were modeled 
because it was not clear whether droplets continued to shrink during backfill exposure.  Unless 
otherwise stated, all models consisted of 15 kPa droplets in 18 kPa backfills, with 100 μm backfill 
width, 100 μm backfill thickness, and 10 μm diameter droplet. 
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Figure 5.12. (a) Detail of FE model with dimensions labeled.  Contour plot shows 
displacement.  FE model predictions for lift-off distance depending on (b) droplet 
radius, (c) backfill thickness, and (d) backfill width.  Liftoff increases linearly with 
droplet diameter, but changes little when backfill dimensions are more than twice 
the droplet radius.  Models are shown for droplets with the same expansion 
coefficient as the backfill (dotted lines) and with near-zero coefficients (solid lines).  
Droplets and backfill are 15 kPa and 18 kPa, respectively.  Unless otherwise stated, 
droplet radius was 10 µm and backfill dimensions were 100 µm. 
 
 The model also predicted that liftoff depended on the stiffness of both the droplet and the 
backfill.  FE models consisted of 10 µm radius droplets in backfills 100 µm wide and 100 µm thick, 
with Young’s moduli and Poisson’s ratios taken from bulk measurements (Figure 5.3.a,b).  Again, the 
coefficients of expansion were -2x10-4 for shrinking gels and -2x10-12 for non-shrinking droplets.  
Calibration measurements had previously shown that sandwiches with different total monomer/bis 
contents shrank the same amount under UV exposure, and therefore had the same coefficients of 
expansion (Appendix E.IV).  The trends suggest that softer droplets and stiffer backfills both result in 
greater liftoff. 
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Figure 5.13. Droplet liftoff depended on hydrogel mechanical properties.  Stiffer 
droplets lifted off less than softer, while stiffer backfills caused more liftoff than 
softer.  (a) Results for shrinking droplets and (b) non-shrinking droplets.  All models 
are for 10 µm droplets in 100 µm backfill. 
 
 
 
 The FE model results suggest that all droplets will create microwells, and that stiffness and 
liftoff are coupled.  Stiffer droplets resisted forces from the shrinking backfill, and therefore were 
predicted to liftoff less than softer droplets.  Similarly, softer backfills exerted less force on droplets, 
resulting in less liftoff.  Droplet spacing and backfill height were predicted to have little influence on 
liftoff, given that it is difficult to place droplets that close together during e-jet printing without 
having them coalesce into larger droplets.  The single biggest factor predicted to influence liftoff was 
the droplet radius.  In this model, larger droplets had more surface area in contact with the 
contracting backfill and a larger area available to deform up and off of the printing substrates.  
Interactions between factors were not examined.  Ultimately, the results suggest that minimal liftoff 
can be achieved with smaller, stiffer droplets, while deeper microwells (a result of greater liftoff) can 
be created with larger-diameter spots and stiffer backfill. 
 The model can be used to direct printing in the future to create microwells with controlled 
depth, diameter, and stiffness.  Further work should focus on identifying other ways to control liftoff, 
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either through prepolymer composition or UV exposure conditions, so that depth, diameter, and 
stiffness can be uncoupled. 
5.3.5. FE model predictions are close but do not match AFM measurements 
 FE models created for nine different AFM scans (Figure 5.9) approximately predicted the 
liftoff distance measured in AFM scans.  The Young’s modulus and Poisson’s ratio for each model 
were selected to match bulk measurements, while diameters were approximated from AFM scans.  
Collectively, the models underestimated liftoff by an average of 0.43 µm and 1.44 µm for shrinking 
(coefficient of thermal expansion -2x10-4) and non-shrinking droplets (-2x10-12), respectively.  
Eliminating two outlier droplets with >5 µm liftoff, those means shift to an overestimation of 0.58 µm 
by models with shrinking droplets and underestimation of 0.60 µm for non-shrinking droplets. 
 
 
Figure 5.14. Measurements of droplet liftoff from AFM scans largely fall between 
values predicted by FE models using non-shrinking and shrinking droplets.  Models 
were created matching the Young’s modulus of the droplets and backfill and 
apparent diameter of spots as measured from AFM scans.  FEM models with 
shrinking droplets overestimated the measured liftoff in most cases, while those 
with non-shrinking droplets consistently underestimated liftoff. 
 
Although the model predicted most of our measurements within a micron of the true liftoff, 
it had limitations.  First, the upper and lower boundary conditions would be more accurately 
described as adhesions with a certain strength rather than as pins.  Here, we assume adhesion 
between the droplet and the printing substrate, when in practice we have observed residue left 
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behind after over-exposing the droplets.  The model also failed to account for any relaxation in the 
hydrogels after peeling them off the printing substrate.  Simply removing the bottom pin in a second 
modeling step allows for relaxation, but it was significantly greater than experimental observations.  
Finally, further models should explore how liftoff is impacted when droplets are more closely spaced.  
Axisymmetric models would be incompatible with such a geometry, so 3D models would have to be 
used.  More exploratory models can be used to simulate cell contraction on patterned substrates in 
order to predict what a cell might perceive.  One unanswered question: how small can we pattern a 
spot that cells perceive as mechanically distinct from the backfill? 
5.3.6. patterned hydrogels support cell adhesion 
 Printed and backfilled hydrogels containing acrylic acid and functionalized using methods 
described in Chapter 2 supported the adhesion and growth of MC3T3-E1 cells.  Figure 5.15, below, 
shows that cells formed a confluent monolayer on 49 kPa gel patterned with spots of 15 kPa gel 
containing FITC.  The monolayer was broken over spots 70 µm in diameter, but unbroken over 25 µm 
spots.  Our FE model predicted that larger spots would form deeper wells, and the cell monolayer 
likely had difficulty either conforming to this larger change in topography or bridging the entire well. 
 
 
Figure 5.15. MC3T3-E1 cells attached and grew to confluence on substrates 
consisting of 15 kPa spots (green) embedded in 49 kPa backfill (non-fluorescing).  
Cells were stained with DAPI (blue) and rhodamine phalloidin (red).  (a) Larger 
spots seemed to impede monolayer formation while (b) smaller spots did not. 
 
 In ongoing work, we are patterning droplets that contain acrylic acid and backfilling with 
polymer that does not.  After NHS activation, protein should conjugate inside the wells, leaving the 
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backfill non-adhesive.  Ongoing work is focused on achieving this with e-jet-patterned substrates.  
However, preliminary results with pipetted (1 mm diameter) droplets showed that cells selectively 
adhered and formed monolayers within the microwells (Figure 5.16).  Comparing the phase contrast 
(Figure 5.16.a) with fluorescent (Figure 5.16.b) images revealed that cells did not cover the entirety 
of the microwell.  We hypothesized that cells avoid the sharp change in topography at the edge of the 
printed spots.  This makes the topography a microwell in the true sense of the word, as the cells 
settle to the flat section at the bottom of the droplet. 
 
 
Figure 5.16. Leaving acrylic acid out of the backfill prepolymer resulted in cell 
adhesion in wells but not on the backfill.  (a) Phase contrast image of MC3T3-E1 
cells grown to confluence with a microwell containing acrylic acid.  Cells did not 
adhere to the backfill, which did not contain acrylic acid, indicating that ECM 
proteins were only present in the wells.  (b) Corresponding fluorescent image 
marking droplet boundary.  Cells did not adhere all the way to the edge of the well, 
where walls were likely steeper than in the center. 
 
 
5.4 Summary and Conclusions 
 This chapter presented a proof-of-concept study for using e-jet to create microwells in 
polyacrylamide with controlled chemistry and Young’s modulus.  Droplets of polyacrylamide were 
printed, polymerized, backfilled with a second polyacrylamide mixture polymerized in a second step, 
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then peeled off the printing surface.  Fluorescent microscopy confirmed that droplets remained 
hemispherical after rehydration.  AFM scans revealed patterned topography, which was then 
explained by FE modeling. 
 The presented methods can be used to pattern stiffness and chemistry with features on the 
order of 10 µm.  Only two published papers have reported patterning the stiffness of cell substrates 
with features on the order of 100 µm, and just one more has similar resolution to our technique 
(Table 5.1).  Still, several challenges remain.  Namely, stiffness and diameter interact to influence the 
droplet liftoff, and therefore the depth of the resulting microwells.  The FE models presented a 
framework of predicting this interaction, but further indentation experiments or higher-resolution 
microscopy are necessary to confirm those predictions.  Nevertheless, we demonstrated that e-jet 
provides a highly-flexible platform for creating microwell substrates that can later be used to study 
the interacting influence of patterned chemistry and stiffness on cell behavior. 
 
 
 
 Table 5.1 Comparison of techniques for micropatterning hydrogel stiffness 
method smallest feature material reference 
e-jet printing 8 µm  dots polyacrylamide in preparation 
photolithography 2 µm  dots poly(L-lysine) Monge 2013 
100 µm  lines polyethylene glycol Nemir 2010 
micromolding 100 µm  
squares 
polyacrylamide Gray 2003 
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Chapter 6. Conclusion 
 Patterned hydrogels are powerful platforms for studying microenvironmental regulation of 
cell behavior.  This work investigated e-jet printing as a novel, flexible manufacturing system to 
produce such platforms, and presented methods to create soft substrates for cell culture with 
adhesion geometry, stiffness, and chemistry patterned with sub-cellular resolution. 
 Three new methods to craft cell substrates were introduced in this work.  First, we 
developed and optimized a method to functionalize polyacrylamide that allowed for control over 
both Young’s modulus and ligand density.  Second, we developed methods to print proteins on 
activated polyacrylamide substrates with e-jet printing.  Finally, we introduced a method to print 
polyacrylamide and demonstrated patterning stiffness and chemistry at subcellular scale.  No 
manufacturing method currently exists to create such substrates in a flexible manner. 
 
6.1. Summary and Future Directions of Polyacrylamide Activation for Protein Conjugation 
 The procedure presented in Chapter 2 for activating polyacrylamide substrates was a simple 
and cost-effective method to prepare these materials for cell culture.  The most important result from 
characterization was demonstrating that the amount of protein conjugated to polyacrylamide 
depended on the acrylic acid concentration.  In other words, ligand density was controlled through 
hydrogel formulation rather than protein ink formulation.  In future work, this type of control can be 
used to explore the interaction between substrate stiffness and ligand density not only with e-jet, but 
also with any system that uses polyacrylamide as a cell substrate.  Other major results from 
characterization showed that acrylic acid could be incorporated at up to 0.4 wt.% without influencing 
mechanical properties, that hydrogels coated with protein supported cell monolayer formation, and 
that areas without protein coating successfully resisted cell adhesion. 
Future work with polyacrylamide substrates should focus on accurately measuring the 
amount of conjugated protein and fully decoupling ligand density stiffness.  This could potentially be 
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accomplished by raising the amount of acrylic acid in softer substrates and evaluating protein 
conjugation on larger substrates or with more precise assays. 
Precise and independent control over multiple factors needs to be demonstrated in order to 
fully attribute cellular behavior to one in isolation of the others.  See Trappmann et al. [2012] for a 
recent report that asserts many cell behaviors previously-attributed to substrate stiffness were 
actually the result of differences in ligand anchoring density.  Future work purporting to show how a 
single microenvironmental factor influences cell behavior should be able to show that other factors 
are not changing as well. 
 
6.2. Summary and Future Directions of ECM Protein Printing on Polyacrylamide Substrates 
Chapter 3 described high resolution patterning of extracellular matrix proteins on 
polyacrylamide for cell culture substrates.  The work was the first to use high resolution e-jet to 
pattern substrates for cell culture, to print on a soft substrate, and to print a protein-based ink.  
Protein ink formulation proved to be the largest challenge, as they had a tendency to clog printing 
nozzles.  Further work with environmental control, namely humidity (Figure C.1), and better nozzle 
design should reduce this behavior in the future.  Resolution for cell substrates may be driven higher 
by printing peptide fragments rather than entire proteins.  Since our work was published [Poellmann 
2011], John Roger’s research group demonstrated printing proteins on rigid substrates with 
nanoscale resolution [Shigeta 2012] for use as biosensors.  Higher-resolution protein patterning on 
polyacrylamide can find a use in biosensor applications where the hydrogel nanostructure and 
single-residue conjugation may be a better model for protein activity in vivo than adsorption on a 
rigid substrate.  Compared with microcontact printing, e-jet offers much greater pattern flexibility 
and requires less ink.  This makes e-jet a valuable method for fabricating small numbers of substrates 
where protein ink is limited or valuable, or in situations where substrates need to be used as 
prototypes and changed in rapid iterations. 
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6.3. Summary and Future Directions of Nodule Patterning 
Osteoblasts adhered to substrates patterned with e-jet printing and formed nodule-like 
multicellular structures.  Although the goal of this work was to demonstrate that cells could be 
cultured on the substrates, and that patterned cultures could be analyzed with traction force 
microscopy, early results indicated that osteoblast contractility changed abruptly when they adopted 
the packed-in morphology typical of cells at the center of a nodule.  The demonstration of traction 
force microscopy was useful because it provided a tool to measure the mechanical interaction 
between cells and the substrate, helping us understand how microenvironmental mechanics 
ultimately influence cell behavior.  This was just the first step in a much larger study, but the 
techniques described here can be used to answer a number of fundamental questions in 
osteogenesis, including: What is the minimum number of cells required to synthesize mineralized 
matrix, and does matrix formation depend on substrate stiffness or nodule geometry? How does cell 
contractility change when cells transition from sparse, flat, highly-spread stem cells to the more 
mature osteoblasts in the center of a nodule? And more broadly, can identification of 
microenvironmental factors help us design more effective scaffolds for tissue engineering or tell us 
something fundamental about bone development or disease? 
 
6.4. Summary and Future Directions of Polyacrylamide Printing 
The hydrogel printing method described in Chapter 5 offered unprecedented flexibility in 
patterning microenvironmental factors for cell culture.  The method is still in development, and 
future work should focus primarily on decoupling topography (microwell depth) from spot size.  
Finite element modeling proved to be an invaluable tool for explaining experimental results and 
predicting future behavior.  Further AFM measurements with a wider range of polyacrylamide 
formulations and spot geometries can be used to update the model.  Hydrogel patterning opens up a 
wide field of applications for e-jet printing, including the fabrication of protein biosensors 
incorporated into hydrogels to better maintain in vivo-like behavior, tissue engineering scaffolds 
  91 
with micro- or nanoscale patterning, and active hydrogel microsensors that quickly change size when 
hydrated in different solutions. 
 
6.5. Long Term Future Directions and Applications of E-Jet Printing 
 The strengths of e-jet printing are its high resolution, high flexibility, and its compatibility 
with a wide range of materials.  The sections above summarized the work presented in this thesis 
along with short-term future directions for each chapter.  In this section, a broader set of future 
directions are introduced and discussed.  Each leverages the unique strengths of e-jet and builds 
upon work presented here. 
 First, the fabrication techniques described in this thesis can be improved and expanded to 
create materials for studying a wide range of cells and microenvironmental conditions.  A 
multimaterial e-jet printer with the capability to print a wide range of hydrogels and proteins in a 
controlled, or even aseptic environment would be an ideal tool for researchers studying 
microenvironmental regulation.  Artificial niches could be constructed to study the maintenance of 
stem cell phenotypes and what causes differentiation [Folch and Toner 2000, Lutolf et al. 2009, 
Nelson and Tien 2006].    Tumor-like microenvironments may be used to study what factors induce 
cancer cells to become malignant [Polyak et al. 2008, Schwartz et al. 2012].  Finally, further 
integration with traction force microscopy will allow researchers to probe the mechanics of cell-
matrix interactions with a greater degree of control than is currently available [DuFort et al., 2011]. 
 The flexibility and precision of e-jet printing may be leveraged to fabricate other hydrogel 
structures important to bioengineering.  Scaffolds for tissue engineering are typically on the scale of 
millimeters or centimeters, but e-jet printing could be used to fabricate elements at the micro- and 
nanoscales that induce cells to behave in desired ways [Lutolf and Hubbell 2005]. E-jet might also 
find a role in drug development or gene delivery, where active ingredients are often encapsulated in 
hydrogels to protect them from degradation before reaching the desired delivery site. 
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 E-jet may contribute to the development of lab-on-a-chip devices, where many desired 
components are difficult to fabricate with photolithographic and micromolding techniques alone.  
Antibodies or other proteins could be printed inside microchannels for disease diagnostics 
[Jayamohan et al. 2013] or cell capture [Toner and Irimia 2005, Yu et al. 2011].  These proteins are 
often the most expensive components of lab-on-a-chip devices, and e-jet wastes a minimal amount of 
material.  E-jet could also be used to print stimuli-responsive hydrogels within microfluidic devices 
[Dong and Jiang 2007, Richter et al. 2008, Tsitsilianis 2010].  Reversible valves sensitive to pH, 
temperature, and other stimuli are typically photopolymerized in channels, while e-jet would enable 
the fabrication of similar structures with less waste material and no need to flush unpolymerized 
material. 
 More speculatively, e-jet may be applied to the study of systems biology.  Printing a 
combination of hydrogels, proteins, and other substances could enable the partial recreation of single 
cells or signaling pathways to study protein-protein interactions.  Compared to co-
immunoprecipitation, printing a pair of proteins on or near each other would require significantly 
less material, would not require expensive antibodies, and may be significantly faster because the 
proteins would be placed in close proximity rather than relying on random diffusion in solution. 
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Appendix A. Protocols 
 
The list below is an overview of the protocols in this appendix.  Section A.I. begins on the next page.  This 
information is not meant to duplicate or replace the Table of Contents on pages iv-v. 
 
A.I. Cell Culture  
A.I.i. Cell Guide: D1 ORL UVA and Primary Mesenchymal Stem Cells 
A.I.ii. Cell Guide: MC3T3-E1 Pre-Osteoblast Cells  
A.I.iii. Cell Guide: MLO-A5 Late Osteoblast/Early Osteocyte Cells 
A.I.iv. Staining: Nucleus and Actin 
A.I.v. Staining: Mineralization 
 
A.II. Polyacrylamide Fabrication and Activation  
A.II.i. Methacryl-Silane Coverslip Treatment 
A.II.ii. Fluoro-Silane Coverslip Treatment, Vapor 
A.II.iii. Fluoro-Silane Coverslip Treatment, Liquid 
A.II.iv. Polyacrylamide Fabrication for E-Jet Substrates 
A.II.v. NHS Activation for E-Jet Substrates 
A.II.vi. Cell Culture Preparation (after printing) 
 
A.III. E-Jet Preparation and Printing   
A.III.i. Nozzle Preparation: Sputter Coating  
A.III.ii. Nozzle Preparation: Thiol Coating  
A.III.iii. Ink Preparation: ECM Protein 
A.III.iv. Ink Preparation: Hydrogel 
A.III.v. E-Jet Printing  
 
A.IV. Confocal Microscopy  
A.IV.i. Sample Preparation for TFM  
A.IV.ii. Collecting Images with the Zeiss 710  
A.IV.iii. Converting Image Stacks for TFM 
 
A.V. Atomic Force Microscopy  
A.V.i. Experimental Procedure for Indentation Testing 
A.V.ii. Exporting Force Curves  
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A.I.i. Cell Guide: D1 ORL UVA and Primary Mesenchymal Stem Cells 
Michael Poellmann 
Last revised August 26, 2012 
 
Background 
D1 ORL UVA cells (D1s) were ordered as a frozen, passage 0 vial from ATCC (#CRL-12424).  These cells are a 
mouse-derived, monoclonal mesenchymal stem cell line capable of differentiating into osteoblast-like and 
adipocyte-like cells [see Diduch et al. 1993, Cui et al. 1997].  The cell line is rated as Biosafety Level 1. 
 
Primary rat mesenchymal stem cells (MSCs) were ordered as a frozen, passage 0 vial from Millipore 
(#SCR026).  These cells are marrow-derived stromal cells.  Proliferation slows at roughly passage 4 or 5, and cells 
tend to stick together in colonies after that point.  The cells are very large and flat compared to D1s, and are 
therefore difficult to observe even under phase contrast microscopy.  Often, cells are only visible following 
staining.  Though Millipore suggests using a proprietary media formulation, the cells seem to grow well using the 
same media as D1s.  Biosafety Level 1 methods are appropriate. 
 
Recipes 
D1 Expansion Medium 
 90% DMEM-low glucose1, without glutamine, modified to contain2 
o 4 mM L-glutamine 
o 3.7 g/L sodium bicarbonate3 
o 1 mM sodium pyruvate 
 10% fetal bovine serum 
 100 U/ml penicillin-streptomycin 
D1 Osteogenic Differentiation Medium 
 D1 expansion medium, plus 
o 100 ug/ml ascorbic acid (1 tube/100 ml4) 
o 5 mM beta-glycerophosphate (1 tube/200 ml5) 
 note that this media expires after 2 weeks, and that the suggested concentrations are different than E1 
cells 
D1 Adipogenic Induction Medium 
 D1 expansion medium, plus 
o 1 uM dexamethasone (though I never actually tried this) 
Freezing Medium 
 60% expansion medium 
 30% fetal bovine serum 
 10% dimethyl sulfoxide (DMSO, Sigma #D2650) 
Notes 
1. ATCC suggests 4.5 g/L glucose, but lower levels are thought to keep the cells in a more stem-like state. 
2. DMEM with these exact formulations may be ordered from Sandy McMasters at the UIUC Cell Media 
Facility. 
3. ATCC suggests 1.5 g/ml sodium bicarbonate for 5% CO2 incubators because DMEM is typically formulated 
for 10%.  However, a higher buffer concentration does a better job of controlling pH in confluent cultures. 
4. Ascorbic acid (Sigma #A4544) should be dissolved at 10 mg/ml in PBS, sterile-filtered and stored frozen in 
1 ml aliquots. 
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5. Beta-glycerophosphate (Sigma #G6501) should be dissolved at 1 M in DI water, sterile-filtered, and stored 
frozen in 1 ml alquots. 
 
Thawing 
Cells are frozen in 1 ml aliquots containing 106 cells.  The cells are stored in the IGB 2200 liquid nitrogen tank, 
column 6, shelf A.  Thaw the cells quickly, plate in a T-75 flask, and add 13 ml warm expansion medium.  Replace 
medium within 6-24 h. 
 
Expansion and Passaging 
Maintain cells between 20% and 95% confluence in a humidified, 37C incubator with 5% CO2.  Split cells with 
0.05% trypsin EDTA (Gibco), 3 ml/flask.  Centrifugation and resuspension is not necessary, but suggested settings 
are 1200 rpm for 5 min to pellet cells.  Upon reaching confluence, the cells change morphology and may show 
early signs of osteogenic differentiation, even in the absence of differentiation medium. 
 
Inducing Osteogenic Differentiation 
Simply replace expansion medium with differentiation medium, or resuspend trypsinized cells in differentiation 
medium.  Cells will proliferate until confluent and change to a packed-in, more hexagonal morphology.  To begin 
differentiation immediately after seeding, plate cells at or near confluence (>104 cells/cm2).  Mineralized nodules 
will begin to appear roughly 14 days after cells reach confluence in differentiation medium.  Full mineralization 
takes 3-4 weeks.  Note that post-confluent cells will go through medium rapidly, so plates may need daily feeding. 
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A.I.ii. Cell Guide: MC3T3-E1 Pre-Osteoblast Cells 
Michael Poellmann 
Last revised February 7, 2013 
 
Background 
MC3T3-E1 cells (E1s) were ordered as a frozen, passage 0 vial from ATCC (subclone 4, #CRL-2593).  These cells 
were derived from mouse calvaria and are typically referred to as 'pre-osteoblasts.'  They are widely used as 
models for osteoblast differentiation.  The cell line is rated as biosafety level 1. 
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Recipes 
E1 Expansion Medium 
 90% alpha-MEM containing L-glutamine and nucleosides1 
o without ascorbic acid 
o 2 mM L-glutamine 
o 1 mM sodium pyruvate 
 10% fetal bovine serum 
 100 U/ml penicillin-streptomycin 
E1 Osteogenic Differentiation Medium 
 E1 expansion medium, plus 
o 100 ug/ml ascorbic acid (1 tube/100 ml2) 
o 5 mM beta-glycerophosphate (1 tube/200 ml3) 
 note that this medium expires after 2 weeks 
Freezing Medium 
 60% expansion medium 
 30% fetal bovine serum 
 10% dimethyl sulfoxide (DMSO, Sigma #D2650) 
Notes 
1. Alpha-MEM with this exact formulation may be ordered from Sandy McMasters at the UIUC Cell Media 
Facility.  Note that alpha-MEM typically contains .044 mg/ml ascorbic acid, so specify clearly that the 
medium should not contain it. 
2. Ascorbic acid (Sigma #A4544) should be dissolved at 10 mg/ml in PBS, sterile-filtered and stored frozen in 
1 ml aliquots. 
3. Beta-glycerophosphate (Sigma #G6501) should be dissolved at 1 M in DI water, sterile-filtered, and stored 
frozen in 1 ml alquots. 
 
Thawing 
Cells are frozen in 1 ml aliquots containing 106 cells.  The cells are stored in the IGB 2200 liquid nitrogen tank, 
column 6, shelf E.  Thaw the cells quickly, plate in a T-75 flask, and add 13 ml warm expansion medium.  Replace 
the medium wihtin 6-24 h. 
 
Expansion and Passaging 
Maintain cells between 20% and 95% confluence in a humidified, 37C incubator with 5% CO2.  Split cells with 
0.05% trypsin EDTA (Gibco), 3 ml/flask.  Centrifugation and resuspension is not necessary, but suggested settings 
are 1200 rpm for 5 min to pellet cells.  Upon reaching confluence, the cells change morphology, slow or stop 
proliferation, and may show early signs of osteogenic differentiation, even in the absence of differentiation 
medium. 
 
Inducing Osteogenic Differentiation 
Simply replace expansion medium with differentiation medium, or resuspend trypsinized cells in differentiation 
medium.  Cells will proliferate until confluent and change to a packed-in, more hexagonal morphology.  To begin 
differentiation immediately after seeding, plate cells at or near confluence (>104 cells/cm2).  Mineralized nodules 
will begin to appear roughly 14 days after cells reach confluence in differentiation medium (Fratzl-Zelman et al. 
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1998).  Full mineralization takes 3-4 weeks.  Note that post-confluent cells will go through medium rapidly, so 
plates may need daily feeding. 
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A.I.iii. Cell Guide: MLO-A5 Late Osteoblast/Early Osteocyte Cells 
Michael Poellmann 
Last revised April 18, 2013 
 
Background 
MLO-A5 cells (A5s) were generously provided by Dr. Lynda Bonewald (lab manager Jennifer Rosser) at University 
of Missouri at Kansas City, shipped in a T-25 flask at passage 16.  The lowest passage stored in IGB is 18.  These 
cells are mouse-derived models of late osteoblasts/early osteocytes. 
 
Recipes 
A5 Expansion Medium 
 90% alpha-MEM containing L-glutamine and nucleosides1 
o without ascorbic acid 
o 2 mM L-glutamine 
o 1 mM sodium pyruvate 
 5% fetal bovine serum 
 5% newborn calf serum 
 100 U/ml penicillin-streptomycin 
A5 Differentiation Medium 
 A5 expansion medium, but with 10% total fetal bovine serum (no newborn calf serum), plus: 
o 100 ug/ml ascorbic acid (1 tube/100 ml2) 
o 5 mM beta-glycerophosphate (1 tube/200 ml3) 
o note that this medium expires after 2 weeks 
o note that this is the same formulation as E1 differentiation medium. 
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Freezing Medium 
 60% expansion medium 
 30% fetal bovine serum 
 10% dimethyl sulfoxide (DMSO, Sigma #D2650) 
Notes 
1. Alpha-MEM with this exact formulation may be ordered from Sandy McMasters at the UIUC Cell Media 
Facility.  Note that alpha-MEM typically contains .044 mg/ml ascorbic acid, so specify clearly that the 
medium should not contain it. The Bonewald lab suggests using Cellgro #MT10-022-CV or Gibco #12571-
063. 
2. Ascorbic acid (Sigma #A4544) should be dissolved at 10 mg/ml in PBS, sterile-filtered and stored frozen in 
1 ml aliquots. 
3. Beta-glycerophosphate (Sigma #G6501) should be dissolved at 1 M in DI water, sterile-filtered, and stored 
frozen in 1 ml alquots. 
 
Culture 
A5 cells must be grown on collagen-coated cultureware.  Dilute sterile, type I collagen (BD Biosciences #354236) in 
0.02 M acetic acid to 0.15 mg/ml (example: 9.7 ml water, 11 µl glacial acetic acid, and 387 µl collagen I).  Keep the 
collagen solution on ice to avoid gellation.  Coat plates for at least 1 h, then rinse with PBS to remove residual acid. 
 
Thawing 
Cells are frozen in 1 ml aliquots containing 106 cells.  The cells are stored in the IGB 2200 liquid nitrogen tank, 
column 6, shelf B.  Thaw the cells quickly, plate in a collagen-coated T-75 flask, and add 13 ml warm expansion 
media.  Replace the medium within 6-24 h. 
 
Expansion and Passaging 
Maintain cells between 50% and 95% confluence in a humidified, 37C incubator with 5% CO2, in flasks coated with 
collagen.  Split cells with 0.05% trypsin EDTA (Gibco), 3 ml/flask.  Centrifugation and resuspension is not necessary, 
but suggested settings are 1200 rpm for 5 min to pellet cells. 
 
Inducing Osteogenic Differentiation 
Simply replace expansion medium with differentiation medium, or resuspend trypsinized cells in differentiation 
medium.  Cells will proliferate until confluent and change to a packed-in, more hexagonal morphology.  A5 cultures 
may mineralize before reaching confluence.  Mineralized nodules may appear as early as 8 days after cells after 
treatment with differentiation medium (Barragan-Adjemian et al. 2006). 
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A.I.iv. Staining: Nucleus and Actin 
Michael Poellmann 
Last revised May 4, 2013 
 
Location 
IGB benchtop, fume hood. 
 
Materials 
chemical    hazards storage supplier P/N 
phosphate buffered saline (PBS)    room Lonza    
neutral buffered formalin, 10% (NFB) IR room  Sigma HT501128 
Triton X-100   room Sigma   
rhodamine phalloidin   -20 Invitrogen R415 
DAPI   -20 Invitrogen D1306 
 
Procedure 
 Rinse cultures with PBS 
 Take cultures to fume hood 
 Submerge under a minimal amount of NFB 
 Incubate at room temperature for at least 10 min 
 Place used NFB in a waste container 
 Rinse at least 3 times with PBS 
 Treat with 0.1% Triton X-100 in PBS for 3 min 
 Rinse with PBS 
 Dilute rhodamine phalloidin 1:100 in PBS 
 Incubate under rhodamine phalloidin for 20 min 
 Rinse with PBS 
 Dilute DAPI 1:300 
 Incubate under DAPI 2 min 
 Rinse at least 5 times with PBS 
 Place a droplet of mounting medium on a clean glass slide 
 Squash the coverslip down on the mounting medium 
 Image 
 
Hazards 
NFB is a harmful irritant.  Use only in the fume hood. 
Engineering Controls 
Fume hood. 
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Protective Equipment 
Nitrile gloves. 
Waste Disposal 
Place all used NFB in a waste container. 
 
 
A.I.v. Staining: Mineralization 
Michael Poellmann 
Last revised May 4, 2013 
 
Location 
IGB benchtop, fume hood. 
 
Materials 
chemical    hazards storage supplier P/N 
phosphate buffered saline (PBS)    room Lonza    
neutral buffered formalin, 10% (NFB) IR room  Sigma HT501128 
alizarin red s   room     
 
Procedure 
 Mix stain solution: 0.2 g alizarin red in 9.8 ml DI water 
 Filter through a 0.22 µm syringe and set aside 
 Rinse cultures with PBS 
 Take cultures to fume hood 
 Submerge under a minimal amount of NFB 
 Incubate at room temperature for at least 10 min 
 Place used NFB in a waste container 
 Rinse at least 3 times with PBS 
 Place the stain solution in each dish 
 Incubate at room temperature for 10 min 
 Rinse at least 5 times with PBS 
 
Hazards 
NFB is a harmful irritant.  Use only in the fume hood. 
Engineering Controls 
Fume hood. 
Protective Equipment 
Nitrile gloves. 
Waste Disposal 
Place all used NFB in a waste container. 
Accidental Spill 
Clean using absorbent towels and place towels in a waste container. 
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A.II.i. Methacryl-Silane Coverslip Treatment 
Michael Poellmann 
Last revised January 29, 2013 
 
Location 
IGB benchtop. 
 
Materials 
chemical    hazards storage supplier P/N 
ethanol F room   
sodium hydroxide, 10 M (NaOH)  C  room      
methacryl silane: 3-(trimethoxysilyl) propyl methacrylate IR 4C  Sigma M6514 
 
Coverslips 
 12 mm circle No. 2: VWR #89015-724 
 18 mm square No. 1 cover glass (VWR, available from Life Sciences Storeroom) 
 22 mm square No. 1 cover glass (VWR, available from Life Sciences Storeroom) 
 25 mm circular No. 1 cover glass (Electron Microscopy Sciences #72223-01) 
 
Premixed Solutions 
Acryl-silane solution 
 95% ethanol 
 adjust to pH 5 with acetic acid or NaOH 
 
Procedure 
 Clean each cover slip by rinsing in soapy water. 
 Rinse several more times with DI water. 
 Place the cover slips in a plastic petri dish.  Seven 22 mm squares should fit in each. 
 Submerge the cover slips in 10 M NaOH for at least 30 min.  The NaOH etches the glass, providing more 
surface area for bonding. 
 Remove the NaOH and rinse the cover slips several times with DI water. 
 Submerge each cover slip in ethanol, then place in a separate plastic petri dish. 
 Mix 2% methacryl silane in silane solution.  For a typical petri dish, 120 µl silane in 6 ml solution is 
sufficient. 
 Submerge the cover slips in silane solution and place on a rotary shaker for at least one hour. 
 Remove the silane solution (this is hazardous waste) and replace it with 100% ethanol to rinse. 
 Remove each cover slip from the Petri dish, dry the backside with a Kimwipe, and place it on a pre-
warmed, 110 C hot plate (just above setting '5') for 5 min. 
 Allow the cover slips to cool to room temperature and place them on Parafilm, protected from dust.  Cast 
polyacrylamide within an hour. 
 
Hazards 
Methacryl silane is an irritant. 
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Engineering Controls 
Hot plate 
Protective Equipment 
Nitrile gloves 
Waste Disposal 
Place used silane solution and ethanol used for rinsing in a waste bottle (UI #94028: 1% 3-(trimethoxysilyl) propyl 
methacrylate in 98% ethanol). 
Accidental Spill 
Clean using absorbent towels. 
References 
 Hermanson GT, Bioconjugate Techniques 2nd ed, 2008, pp 562-567. 
 Tsang VL, Bhatia SN, "Three dimensional tissue fabrication," Adv Drug Deliv Rev 2004, PMID 15350293 
 Tsang VL, Chen AA, Cho LM, Jadin KD, Sah RL, DeLong S, West JL, Bhatia SN, "Fabrication of 3D hepatic 
tissues by additive photopatterning of cellular hydrogels," FASEB J 2007, PMID 17197384. 
 
 
 
A.II.ii. Fluoro-Silane Coverslip Treatment, Vapor 
Michael Poellmann 
last revised May 21, 2013 
 
This procedure is suggested for wafers used as hydrogel printing substrates, while the liquid-deposited method 
works better for top coverslips in hydrogel casting. 
 
Location 
IGB benchtop. 
 
Materials 
chemical    hazards storage supplier P/N 
ethanol F room   
tridecafluoro-(1,1,2,2-tetrahydrooctyl)-1-trichlorosilane IR room UCT T2492  
 
Wafers 
 p-type 3" silicon wafers (WRS 3P0.01-.02SSP-INV) 
Cover slips 
 12 mm circle No. 2: VWR #89015-724 
 18 mm square No. 1 cover glass (VWR, available from Life Sciences Storeroom) 
 
Procedure 
 If using Silicon wafers, cut into smaller pieces by scoring with a scribe and breaking apart.  Use the flat 
edge of the wafer as a guide. 
 If using glass coverslips, wash each with soap and water, then rinse with DI water and ethanol. 
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 Place the silicon/coverslips in the desiccator and carry to the fume hood. 
 Place 10 µl silane in a glass sample vial, put this in the desiccator, and pull a vacuum. 
 After about 30 s, close the valve to the vacuum line.  Let the desiccator sit for at least an hour. 
 Rinse the silicon/coverslips with ethanol and air dry before use. 
 
Hazards 
fluoro-silane is an irritant. 
Engineering Controls 
Plastic desiccator 
Fume hood 
Vacuum line 
Protective Equipment 
Nitrile gloves 
 
 
 
 
A.II.iii. Fluoro-Silane Coverslip Treatment, Liquid 
Michael Poellmann 
last revised May 21, 2013 
 
This procedure is suggested for top coverslips used for casting hydrogels.  The coverslips can be used multiple 
times after preparation. 
Location 
IGB benchtop. 
 
Materials 
chemical    hazards storage supplier P/N 
hexane F, Xn room Sigma 296090 
glacial acetic acid C room Fisher  
tridecafluoro-(1,1,2,2-tetrahydrooctyl)-1-triethoxysilane IR room Gelest SIT8175 
 
Coverslips 
 12 mm circle No. 2: VWR #89015-724 
 18 mm square No. 1 cover glass (VWR, available from Life Sciences Storeroom) 
 
Procedure 
 Place coverslips in a clean, 12 mm plastic petri dish. 
 Mix 19.4 ml hexane, 100 µl acetic acid, and 500 µl fluoro-silane in a conical tube. 
 Submerge coverslips under fluoro-silane solution for 2-5 min. 
 Dry coverslips with a kimwipe and set aside. 
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Hazards 
fluoro-silane is an irritant. 
glacial acetic acid is corrosive. 
hexane is flammable and toxic. 
Engineering Controls 
Fume hood 
Protective Equipment 
Nitrile gloves 
Waste Disposal 
Place leftover xylene/fluoro-silane in an appropriate waste container 
 
 
 
 
 
A.II.iv. Polyacrylamide Fabrication for E-Jet Substrates 
Michael Poellmann 
last revised January 29, 2013 
 
Location 
IGB benchtop. 
 
Materials 
chemical    hazards storage supplier P/N 
acrylamide, 40% solution HTX  4C  Bio-Rad  161-0140  
N,N'-methylenebisacrylamide, 2% solution (bis)   4C  Bio-Rad 161-0142 
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES)    room  Sigma  H4034  
FluoSpheres carboxylate, 1.0 µm, yellow-green (beads)   4C, dark  Invitrogen F8823 
acrylic acid  COR room  Sigma  147230 
10 N NaOH    room      
ammonium persulfate (APS)  O, IR room  Bio-Rad  161-0700  
tetramethylethylenediamine (TEMED)  F, COR room  Bio-Rad  161-0800  
 
methacryl silane-modified bottom slips 
 22 mm square No. 1 cover glass (available from Life Sciences Storeroom) 
 25 mm circular No. 1 cover glass (Electron Microscopy Sciences #72223-01) 
unmodified (straight from the box, do not clean) or fluorosilane-modified top slips 
 18 mm square No. 2 or No. 1 cover glass (available from Life Sciences Storeroom) 
 12 mm round No. 2 cover glass (VWR #89015-724) 
beads are for traction force microscopy substrates 
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Premixed Solutions 
10x HEPES buffer 
 0.25 M HEPES 
 1.37 M NaCl 
 adjust to pH 8 with NaOH 
soak solution 
 137 mM NaCl 
 5% glycerol 
 
Procedure 
 Determine the appropriate percentage of acrylamide (2-10%), bis (0.01-0.30%), and acrylic acid for the 
final gel.  See below for example mixtures. 
 Mix the following components together, avoiding bubbles: 
o DI water 
o 10x HEPES buffer 
o acrylamide stock 
o bis stock 
 Add acrylic acid and mix well. 
 Add an approximate amount of NaOH and mix well. 
 Check the pH by placing a 2 µl droplet of the solution on pH indicator paper.  The pH should be 8.0 
(green).  Adjust with additional NaOH if necessary. 
 Dissolve the APS in DI water at 10% w/v (for example, 50 mg in 500 ul) 
 In quick succession, add 10% APS and TEMED to the prepolymer and vortex completely. 
 Place droplets of the prepolymer solution on the unmodified "top side" cover slips.  Sandwich each 
droplet with a methacryl silane-modified coverslip. 
o 20 µl suggested for sandwiching with a 18 mm square cover slip. 
o 6 µl suggested for sandwiching with a 12 mm round cover slip. 
 Allow 5 min for polymerization on a flat surface at room temperature.  Check leftover polymer to ensure 
that polymerization occurred. 
 Carefully separate gels by inserting sharp forceps between the cover slips.  Check the top cover slip to 
ensure that all the polymer is stuck to the larger, silane-modified cover slip.  Rinse the gel in DI water. 
 Rinse gels in the soak solution (if used for E-Jet printing) for at least 8 h to remove unpolymerized 
acrylamide. 
 
 
 
 
 
 
 
 
 
 
 
 
Example Mixtures 
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0.4% acrylic acid hydrogels with salt (all volumes µl) 
Young's modulus 2 kPa  9 kPa 19 kPa  35 kPa 49 kPa  64 kPa 
 water  729 654  579 504  429 354 
 10x HBS  100  100  100  100  100  100 
 acrylamide stock 95 145  195  245  295  345 
 bis stock  50  75  100  125  150  175 
 acrylic acid  4  4  4 4 4  4 
 10 N NaOH  7  7 7  7  7  7 
              
 10% APS 12 12 12 12.5 12 12 
 TEMED 2 2 2 2 2 2 
 
 
0.4% acrylic acid hydrogels with beads, no salt (all volumes µl) 
Bead Percent 0  5 10  15   
 water  704 654 604 554   
 1M HEPES  50  50  50  50   
 beads 0  50  100  150   
 acrylamide stock 145 145  145  145   
 bis stock  75  75  75 75   
 acrylic acid  4  4 4 4   
 10 N NaOH  7 7 7 7   
            
 10% APS 12 12 12 12   
 TEMED 2 2 2 2   
 
Hazards 
Acrylamide is a potent neurotoxin.  Acrylic acid and TEMED are hazardous irritants and should be opened in a 
fume hood.  TEMED is flammable, and ammonium persulfate is oxidizing. 
Engineering Controls 
Fume hood, pH indicator paper, incubator (optional). 
Protective Equipment 
Nitrile gloves 
Waste Disposal 
Place all unpolymerized polyacrylamide into a waste container.  Leftover polymerized acrylamide may be thrown 
out. 
Accidental Spill 
Clean using absorbent towels. 
References 
Kandow CE, Georges PC, Janmey PA, Beningo KA, "Polyacrylamide hydrogels for cell mechanics: steps toward 
optimization and alternative uses," Methods Cell Biol 2007, PMID 17613303. 
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A.II.v. NHS Activation for E-Jet Substrates 
Michael Poellmann 
last revised January 24, 2012 
 
For activation of polyacrylamide substrates with acrylic acid for E-Jet printing 
The following procedure is for thin (<200 micron) gels.  An older procedure for thicker gels used soak and NHS 
activation solutions with up to 20% glycerol. 
 
Location 
IGB benchtop. 
 
Materials 
chemical    hazards storage supplier P/N 
glycerol  room Fisher G33 
2-(N-morpholino)ethanesulfonic acid (MES)  room Sigma M1317 
1-ethyl-3-(3-dimethylaminopropyl)carbodiimide hydrochloride (EDC)  IR  4C Pierce 22980 
N-hydroxysuccinimide (NHS)     -20C Pierce 24500 
 
polyacrylamide hydrogels with 0.4% acrylic acid 
 
Premixed Solutions 
Soak Solution 
 150 mM NaCl 
 5% glycerol in DI water 
 
2x Conjugation Buffer 
 0.2 M MES 
 pH 4 
 10% glycerol 
 
Procedure 
 Leave the hydrogels in the Soak Solution overnight. 
 Carefully pull the hydrogels out of the Soak Solution and remove excess solution with a Kimwipe.  Place 
the gels on a flat surface. 
 Warm EDC and NHS to room temperature. 
 Mix 10x solutions of EDC (150 mM, 19 mg/ml) and NHS in water (250 mM, 29 mg/ml). 
 Mix 1 part 10x EDC, 1 part 10x NHS, 5 parts 2x Conjugation Buffer, and 3 parts DI water. 
 Place droplets of the EDC/NHS solution on the hydrogels and incubate 30 min at room temperature. 
 Rinse the gels by shaking off excess solution in a beaker of DI water. 
 Place the gels on a preheated, 60C hotplate. 
 Bake the gels for 5 min, or until the surface appears to be flat and uniform. 
 Store the gels in dry, sealed containers until printing. 
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Hazards 
EDC is an irritant. 
Engineering Controls 
Hot plate 
pH meter 
Protective Equipment 
Nitrile gloves 
Waste Disposal 
None specified. 
Accidental Spill 
Clean using absorbent towels. 
 
 
 
 
A.II.vi. Cell Culture Preparation (after printing) 
Michael Poellmann 
last revised June 14, 2011 
 
Location 
IGB cell culture room. 
 
Materials 
chemical    hazards storage supplier P/N 
PBS  room Lonza  
media, serum-free  4C  UIUC  
media   4C  UIUC   
 
well plates 
typical cell culture supplies 
Premixed Solutions 
Serum-free media 
 media 
 100 U/ml penicillin-streptomycin 
 
Procedure 
 See here for protein coating. 
 Place the hydrogels into sterile well plates and submerge in clean PBS.  Be sure to handle gels only by the 
cover glass. 
 Place the well plates in a cell culture hood, close the sash, and expose to 254 nm UV light for at least 30 
min to sterilize. 
 Replace the PBS with serum-free media and place the well plate in an incubator.  Soak at least 12 h in at 
least 3 changes of serum-free media. 
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 Lift and resuspend cells.  Place droplets of cell suspension directly on top of the gel.  Incubate 10 min for 
fibronectin-coated gels (potentially longer for collagen). 
 Rinse the gels once in media and aspirate to remove unbound cells.  Fill the wells with an appropriate 
amount of media and incubate. 
 
Hazards 
None identified 
Engineering Controls 
Cell culture hood with germicidal UV lamp -- note that lamp should not be on with sash open 
Cell culture incubator 
CO2 suppy 
Protective Equipment 
Nitrile gloves 
Waste Disposal 
Dilute any media that comes into contact with cells in 10% bleach before disposing 
Accidental Spill 
Clean using absorbent towels. 
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A.III.i. Nozzle Preparation: Sputter Coating  
Michael Poellmann 
last revised May 24, 2011 
based on a protocol from Erick Sutanto and the Alleyne Research Group 
 
Location 
Beckman Imaging Technology Center 
 
Materials 
Pulled glass capillary tips with Leur locks (World Precision Instruments, #TIP5TW1-L for 5 micron and #TIP2TW1-L 
for 2 micron inner diameter) 
 
Procedure 
 If the stage is not horizontal, turn on the machine using the red switch on the side and turn on eccentric 
rotation until the stage is in a suitable position. 
 Place one or several adhesive circles on the platform. 
 Ensure that the screen over the target is removed and that the Au/Pd target is in place. 
 Place as many nozzles as can fit on the stage. 
 Seal the enclosure. 
 Ensure that rotation (red switch and dial on top) is turned off. 
 Turn the sputtering machine on (red switch on the right side). 
 Press the Turbo Pump Status button (blue).  The "Accelerate" light should illuminate.  Wait until the 
"Normal" light is illuminated. 
 Press the sputter button on the left side and wait for the pressure to decrease until the turbo status reads 
"Normal" again. 
 Wait for the pressure to drop below 50 mTorr.  If it doesn't get all the way down, you can turn the gas 
knob on the top of the machine. 
 Ensure that the power knob is fully turned counterclockwise and press the "Start" button (over "Manual," 
not "Timer"). 
 Turn the power knob clockwise until the power reaches 40%. 
 Allow sputtering to run for 150 s.  Adjust the power if necessary to maintain it at 40%. 
 Stop sputtering by turning the power knob all the way down and press "Stop" (over "Manual"). 
 Press the Turbo Pump Status button and allow 1-2 min for the pump to slow.  (Lights should all be off.) 
 Press the red switch on the side to turn the machine off.  Allow an additional 1-2 min for the pump noise 
to stop. 
 Remove the enclosure and take the tips out. 
 Clean the inside of the enclosure with a Kimwipe. 
 Fill out the logbook next to the equipment. 
 
Hazards 
N/A 
Engineering Controls 
Sputter coater 
Protective Equipment 
N/A 
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Waste Disposal 
N/A 
Accidental Spill 
N/A 
 
 
 
 
A.III.ii. Nozzle Preparation: Thiol Coating  
Michael Poellmann 
last revised May 17, 2013 
based on a protocols from Erick Sutanto and the Alleyne Research Group and Kazuyo Shigeta in Rogers Research 
Group 
 
Location 
Nano-CEMMS semi clean room. 
 
Materials 
Sputter coated nozzles 
0.01 wt.% 1H,1H,2H,2H-perfluorodecane-1-thiol (Sigma 660493) in dimethylformamide (DMF) 
 mix 1.8 µl thiol solution in 18 ml DMF in glass scintillation vial 
 replace solution after 2 months 
 
Procedure 
 Place three glass vials of hydrophobic coating solution around the base of the tip holder. 
 Place nozzles in each of the syringes in the tip holder. 
 Lower the nozzles into the vials.  Blow some air through the system to ensure the nozzles are clear. 
 If there are no bubbles adhered to the tip, allow the nozzles to soak.  Five minutes is often sufficient, but 
several hours is ideal. 
 While blowing air through the system, lift the tips out of the solution. 
 Replace the vials with 'rinse' vials containing pure DMF. 
 Dip the nozzles, blow air through them, and pull them out immediately. 
 Allow the air dry, or gently blow off any solution remaining on the outside of the nozzles with a weak 
stream of nitrogen. 
 Save the vials of hydrophobic solution for re-use.  Previously-coated nozzles may be re-coated. 
 
Hazards 
The hydrophobic solution is an irritant. 
Engineering Controls 
Tip holder. 
Protective Equipment 
Nitrile gloves. 
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Waste Disposal 
N/A 
Accidental Spill 
Clean spill with absorbent towels. 
 
 
 
 
 
A.III.iii. Ink Preparation: ECM Protein 
Michael Poellmann 
last revised October 5, 2012 
 
Location 
IGB benchtop. 
 
Materials 
chemical    hazards storage supplier P/N 
glycerol  room Fisher G33 
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES)    room  Sigma  H4034  
protein*  4C   
Tween-20   room  Sigma P5927 
 
The suggested adhesion protein for cell substrates is Fibronectin (BD Biosciences, human, P/N 354008) at a final 
concentration of 0.5 mg/ml, or Collagen type I (BD Biosciences, rat tail, P/N 354236). 
 
Premixed Solutions 
10x HEPES-buffered saline 
 0.25 M HEPES 
 1.37 M NaCl 
 adjust to pH 8 with NaOH 
 
20% Tween-20 
 1 ml Tween-20 
 19 ml DI water 
 
Procedure 
 Place all components in an eppendorf tube, beginning with glycerol.  Glycerol is very thick, so cut the tip 
off a pipette tip and dial the pipetter ~20% higher than the desired volume.  Place an appropriate amount 
of water in a second tube to use as a guide. 
 Mix well. 
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 Add concentrated NaOH or HCl, 0.5 ul at a time, to balance the pH to 8.5. 
 
Example Mixtures 
Combined (best mix, optimized) 
 component  percentage  for 1000 ul 
 glycerol 20% 200 
 water  balance  552 
 10x HBS buffer  10%  100 
 collagen stock  .35 mg/ml  93 
 fibronectin stock  .05 mg/ml  50 
 20% Tween-20  .5%  5 
 10 N NaOH    variable  ~0 
 
Mix quickly and thoroughly.  Tween decreases the surface tension and decreases viscosity.  Glycerol increaeses 
viscosity.  Both Tween and Glycerol help prevent collagen from gelling.  This ink may be stored for several days at 
room temperature before use. 
Collagen I 
 component  percentage  for 1000 ul 
 glycerol 20% 200 
 water  balance  560 
 10x HBS buffer  10%  100 
 collagen stock  .50 mg/ml  133 
 20% Tween-20  .5%  5 
 10 N NaOH    variable  ~2 
 
Mix quickly and thoroughly.  Collagen has a tendency to gel at high pH.  If gelling keeps occuring, cool everything 
to 4C, add collagen in small amounts, and vortex frequently.  Tween decreases the surface tension and decreases 
viscosity.  Glycerol increases viscosity.  Both Tween and Glycerol help prevent collagen from gelling. 
 
Fibronectin 
 component  percentage  for 500 ul 
 glycerol 10% 50 
 water  balance  147.5 
 10x HBS buffer  10%  50 
 fibronectin stock  .5 mg/ml  250 
 Tween-20  0.5%  2.5 
 
Note that for 2 um nozzles, increase the glycerol content to 20% 
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Hazards 
None indicated. 
Engineering Controls 
pH indicator paper 
Protective Equipment 
Nitrile gloves 
Waste Disposal 
None indicated. 
Accidental Spill 
Clean using absorbent towels. 
 
 
 
 
A.III.iv. Ink Preparation: Hydrogel 
Michael Poellmann 
last revised July 11, 2012 
 
Location 
IGB benchtop. 
 
Materials 
chemical    hazards storage supplier P/N 
 glycerol   room Fisher G33 
acrylamide, 40% solution HTX  4C  Bio-Rad  161-0140  
N,N'-methylenebisacrylamide, 2% solution (bis)   4C  Bio-Rad 161-0142 
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES)    room  Sigma  H4034  
acrylic acid  COR room  Sigma  147230 
10 N NaOH    room      
1-vinyl-2-pyrrolidinone (NVP) IR room Sigma V3409 
2,2-dimethoxy-2-phenylacetophenone (DMPAP) IR, ENV room Sigma 196118 
PolyFluor 570 (rhodamine acrylate)   room Polysciences 23591 
 
Premixed Solutions 
10x HEPES buffer 
 0.25 M HEPES 
 1.37 M NaCl 
 adjust to pH 8 with NaOH 
 
Appendix A. Protocols 
A.III. E-Jet Preparation and Printing 
 
125 
 
Procedure 
 Dissolve 300 mg DMPAP in 500 µl NVP.  This can take some time, so plan to do this about 15 min before 
mixing the hydrogel. 
 Dissolve ~1 mg of rhodamine acrylate in 100 µl NVP. 
 Determine the appropriate percentage of acrylamide (2-10%), bis (0.01-0.30%), and acrylic acid for the 
ink and backfill mixtures.  See below for example mixtures. 
 Add glycerol to the tube first.  Do this by first adding an equivalent amount of water to another tube, 
cutting the end of a pipette tip, and adding glycerol to the same level in the ink tube. 
 Mix the following components together in a glass test tube, avoiding bubbles: 
o DI water 
o 10x HEPES buffer 
o acrylamide stock 
o bis stock 
 Add acrylic acid and mix well. 
 Add an approximate amount of NaOH and mix well.  Use a pipette -- glycerol will not dissolve if you only 
mix with the vortex. 
 Check the pH by placing a 2 ul droplet of the solution on pH indicator paper.  The pH should be 8.0 
(green).  Adjust with additional NaOH if necessary. 
 Add the fluorophore (ink) or pure NVP (backfill) to the mixture and mix well. 
 Add 4% vol. DMPAP in NVP and mix well. 
 Cap the test tube and mix by vortex.  Wait at least 10 min before polymerizing and store in the dark. 
 
 
 
 
 
 
 
 
 
Example Mixtures 
0.4% acrylic acid hydrogel inks (fluorescent) 
Young's modulus 2 kPa 15 kPa 44 kPa 
glycerol 400 400 400 
 water  1046 746 296 
 10x HBS  200  200  200 
 acrylamide stock 190  390  690 
 bis stock  100  200  350 
 acrylic acid  8  8  8 
 10 N NaOH 14 14  14 
        
DMPAP in NVP  20  20  20 
rhodamine in NVP 20  20 20 
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0.4% acrylic acid hydrogel backfill (non-fluorescent) 
Young's modulus 2 kPa 15 kPa 44 kPa 
glycerol 400 400 400 
 water  1046 746 296 
 10x HBS  200  200  200 
 acrylamide stock 190  390  690 
 bis stock  100  200  350 
 acrylic acid  8  8  8 
 10 N NaOH 14 14  14 
        
DMPAP in NVP  20  20  20 
NVP 20  20 20 
 
Hazards 
Acrylamide is a potent neurotoxin.  Acrylic acid and TEMED are hazardous irritants and should be opened in a 
fume hood.  DMPAP is an irritant and dangerous for the environment.  NVP is an irritant. 
Engineering Controls 
Fume hood, pH indicator paper, incubator (optional). 
Protective Equipment 
Nitrile gloves 
Waste Disposal 
Place all unpolymerized polyacrylamide into a waste container.  Leftover polymerized acrylamide may be thrown 
out. 
Accidental Spill 
Clean using absorbent towels. 
 
 
 
 
 
 
A.III.v. E-Jet Printing  
Michael Poellmann 
last revised August 27, 2012 
 
Location 
2232 MEL (Nano-CEMMS semi clean room), large system 
 
Note that this is research equipment and is used by several students.  Significant changes may be made to either 
the equipment or the software. 
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Equipment start-up 
 Turn on the air supply (green switch on the top module of the rack). 
 Turn on the stage power supply (green switch on the bottom module of the rack). 
 Ensure that the blue voltage supply behind the vibration table and the black box on the back of the table 
are both turned on. 
 
Initialization 
 Log in to the control (dual-monitor) PC. 
 Open 5axis_Main.vi.  Maximize this window in the right screen. 
 Open Voltage_control_AC.vi.  Click the arrow at the top of the screen to use the GUI if it does not start 
automatically.  Maximize this window in the left screen.  Do not run any other programs, as this may slow 
communication with the printer. 
 In 5axis_Main.vi, click "Initialize System."  Wait a few seconds until the indicator turns green, then click 
each gray box to the left of the position coordinates.  They should turn green after being clicked. 
 Ensure that nothing will interfere with the path of the stage and click "Home All."  The stage will translate 
in all directions.  The status of each access should read ‘homed.’  If not, ensure there is nothing 
preventing the full range of motion on that access and try to home again. 
 Lower the stage and position it under the nozzle holder: -2 mm in Z (down) and -10 mm in X (towards the 
camera) is typically sufficient. 
 
Substrate loading 
 Turn on the vacuum pump behind the table. 
 Prepare the substrate and place it on the vacuum chuck.  Ensure that the substrate is electrically 
connected to the metal chuck for proper grounding.  It’s usually sufficient to run a piece of conductive 
tape between the top surface of the substrate (near the printing location) to the chuck. 
 
Nozzle loading 
 Attach a nozzle to an orange reservoir.  If there are droplets of hydrophobic coating solution on the 
nozzle, carefully remove them with a Kimwipe. 
 Add the ink solution with a micropipette.  A total volume of 75 µl is typically sufficient.  Gently agitate the 
nozzle/reservoir to eliminate any bubbles near the Luer tip. 
 Attach the proper air supply hose to the top of the reservoir, and then slide the nozzle and reservoir into 
the mount.  Adjust the Z height of the nozzle holder with the crank on top.  Allow approximately 2 mm 
spacing between the nozzle and the substrate. 
 Turn on the light source to the left of the printer.  The light should be at the lowest setting. 
 If using UV light to cure ink after printing, turn that lamp on as well.  It requires several minutes to warm 
up. 
 
Camera positioning 
 Using the controls in 5axis_Main.vi, translate the stage in X and Y to position it below the tip. 
 Manually lower the tip close to the surface. 
 Open the Infinity Capture software on the left PC.  If the screen is dark, reposition the camera and light 
source to maximize brightness.  The frame exposure should be no more than 10 ms. 
 The camera display will often appear sluggish.  Change the capture and display resolutions to another 
value.  They can be changed back to their original values. 
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 Adjust the camera position by turning the nobs near the base of the mount (Y and Z positioning) and the 
focus knob on the camera (X and some Z positioning).  The Z height of the nozzle holder may be adjusted 
as well. 
 Ensure that the camera magnification (on the neck of the lens) is set to ‘5.’ 
 Translate and continue to adjust the focus on the camera until the nozzle is centered on screen.  Ideally, 
this should be at least 1 mm over the substrate while minimizing the camera’s Z height.  The higher the 
camera is in Z, the more it is likely to vibrate.  
 
Stage tilt adjustment 
 Translate the stage up (+) in Z in 0.1 mm increments until the nozzle's reflection is visible on the 
substrate. 
 Attach a piece of tape to the computer monitor next to the tip reflection. 
 Translate the stage 1 mm in X.  Determine the tilt by translating in Z until the reflection once again lines 
up with the tape.  Take the inverse tangent of the Z displacement to determine the necessary 
adjustments to A. 
 Translate the stage at least 0.3 mm downward in Z.  Adjust A appropriately. 
 Bring the stage back up until the reflection is visible again.  Translate back and forth over the area to be 
printed and make further adjustments if necessary. 
 Repeat the procedure in Y with rotation in U. 
 Quickly scan over the anticipated printing area (often several mm in both X and Y).  Make further 
adjustments to U and A as necessary.  Hydrogel substrates in particular are often not perfectly flat.  Use 
the opportunity to note the location of any defects on the substrate. 
 
Stage stand-off height adjustment 
 Slowly bring the stage up until the reflection is just below the tip.  Do not bring the two in contact, as 
touching the substrate may cause the nozzle to clog.  Get them between 2 and 5 µm apart. 
 Lower the stage (-Z) so that it’s at the appropriate stand-off height.  This is typically 30 µm for protein inks 
on hydrogel substrates and 50 µm for hydrogel inks on fluorinated silicon substrates. 
 
Pressure-driven droplets 
 Translate the stage (X and Y) to an area that won’t be patterned.  Set the displacement of each to 0.2 mm 
at 1.0 mm/s. 
 Ensure that the appropriate nozzle mount is activated in the voltage control software (typically '2').  Note 
that this controls both the voltage signal and the pressure manifold. 
 With one hand on the mouse to quickly move the stage, slowly add back pressure by turning the dial 
(clockwise) on pressure regulator to the right of the stage. 
 When a droplet appears, it should ideally drop on the substrate and leave a ~50 µm diameter 
spot.  Higher pressures will result in larger spots.  Immediately translate the stage away from the droplet 
and quickly reduce the pressure if necessary.  Note the pressure of the droplet, as this gives some clue to 
the nozzle geometry.  A 5 micron nozzle with either hydrogel or protein ink will typically produce droplets 
at 4 psi.  Higher pressures indicate a smaller-than-nominal tip. 
o If the droplet skitters around and/or evaporates quickly, it is likely hydrophobic solution or its 
solvent (DMF).  Continue producing droplets and translating the stage until it’s clear that ink is 
coming out.  DMF may wick up the tip and quickly evaporate – this is not a problem. 
o If ink wicks up the tip, or continues sticking to the tip after producing droplets, attempt to clean 
it by dipping the tip in DI water.  Move the stage -2 mm in Z and +40 mm in X.  Carefully bring a 
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vial of DI water up to the nozzle and briefly submerge it.  Move the stage back to the previous 
location and try creating droplets again.  Cleaning works less than 50% of the time – often the tip 
was insufficiently coated with hydrophobic solution or has some other defect. 
 Place several pressure-driven droplets on the substrate.  These serve as control regions. 
 
E-Jet printing parameters 
 Set the back pressure manually (typically start at 1.5 psi for 5 microns, but this may vary depending on 
the pressure required to form a droplet). 
 Turn the voltage unit on (Trek box to the left of the stage, the switch is in the back). 
 In 5axis_Main.vi, set the stage displacements and velocity to values appropriate for printing.  A good 
raster pattern is 0.1 mm at 1.0 mm/s in X and 4 mm at 0.3 mm/s in Y. 
 In Voltage_control_AC.vi, set the waveform to 'DC' and select a low initial voltage (175 V for hydrogel ink, 
-175 for protein ink).  Click "Send Signal" and wait a few seconds to ensure that ink is not jetting at low 
voltage.  If it is, turn the pressure down. 
 Slowly increase the voltage signal until droplets appear, at which time raster back and forth until the 
settings reach a desirable point. 
 Droplets should appear at low frequency (< 1 Hz) at between 225 and 275 V for hydrogel inks, between -
225 and -275 V for protein inks. 
 If the voltage is getting high without consistent jetting (325 for hydrogel inks, -325 for protein inks), 
decrease the voltage and increase the back pressure to compensate. 
 Do not exceed 400 V. 
 Do not adjust pressure while the voltage is on. 
 Adjust the voltage to a point just below jetting.  Set the maximum voltage to 20 V above this (or -20 V if 
using protein ink).  Set the droplet spacing to 0.30 s and the duty cycle to 0.01 s.  Then switch from DC 
mode to PWM mode. 
 While rastering, adjust the maximum voltage until droplets are coming at at ~ 3 Hz.  Continue to adjust 
the voltages and the pressure until droplets print consistently at the desired size.  Ensure that printing 
continues at the desired frequency for printing (typically .05 s spacing, or 20 Hz, for protein inks). 
o The programmed waveform should appear in the scope on the left screen.  However, the 
presence of the waveform does not necessarily mean that it's being sent to the printer at that 
time. 
Printing patterns 
 Move the stage to an area away from previously patterned features. 
 Type the full filename and path of the G-code file containing printing code in the box on the right screen. 
 On the left screen, click the large CNC button so that it glows green. 
 On the right screen, click 'RUN.'  The file should execute. 
o If there is an error in the file, some incomprehensible text will appear in the message box.  The 
'FAULT ACK' button must be clicked before anything further. 
o If printing needs to be halted (due to arcing, for instance), click 'STOP.'  This halts the G-code 
script, but often the voltage signal is left on.  Turn the voltage unit off manually and turn off the 
'CNC' button on the left screen. 
Shut down 
 Make sure the "Send Signal" button in Voltage_control_AC.vi is gray. 
 Turn off the voltage unit. 
 Translate the stage downward in Z and away from the tip in X and Y 
 Turn the pressure regulator down to 0. 
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 Carefully remove the reservoir and nozzle from the printer. 
 Place the nozzle in a sharps container.  Although nozzles can not be reused, reservoirs may be. 
 Turn off the vacuum and pull the slide off the chuck.  Transfer the substrate to a sealed dish. 
 When everything is cleared, click the green buttons next to each coordinate location in 5axis_Main.vi to 
deactivate them one at a time. 
 Click "Exit" and close LabView.  Do not save changes. 
 Turn off the power to the stage. 
 Turn off the air supply. 
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A.IV.i. Sample Preparation for TFM  
Michael Poellmann 
last revised May 4, 2013 
 
Location 
IGB cell culture room 
 
Materials 
chemical    hazards storage supplier P/N 
cell culture medium   room UIUC    
Vybrant DiI cell labeling solution  room  Invitrogen V-2255 
PBS   room Lonza   
sodium dodecyl sulfate (SDS)   room Sigma L-4390 
 
 Cells growing on gels bonded to 25 mm round coverslips 
 Chamlide cell imaging chamber (CM-B25-1, supplier: Quorum Technologies, Inc.) 
 Assorted tubing and syringe 
 
Premixed Solutions 
5 wt.% SDS in PBS 
 1 g SDS 
 20 ml PBS 
 
Procedure 
 Mix DiI into medium at 5 µl / ml 
 Place 2.5-3 ml medium in each dish 
 Incubate 30 min 
 Rinse dishes three times with PBS, then leave under medium until imaging 
 Carefully remove a gel from its dish and blot the coverslip dry with a kimwipe 
 Use a razor to scrape off areas of the gel within 3 mm of the coverslip circumference 
 Assemble the Chamlide chamber 
 Add 1 ml medium 
 Carefully carry the chamber to the microscopy suite 
 Attach one length of tubing to a syring containing at least 1 ml SDS solution 
 Prime the line by pushing SDS about 3/4 of the way through 
 Plug the tube into one side of the Chamlide chamber 
 Plug a second outlet tube into the other side 
 Place the chamber on the microscope stage 
 Ensure that the chamber will not move when SDS is added 
 See the relevant section in 'imaging with the 710' for further information 
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 Clean the chamber by rinsing it with DI water 
 Clean the tubing by first pushing DI water, then air through each one 
 Connect a short section of tubing to the chamber ports and clean them the same way 
 Allow the chamber to air dry 
 
Hazards 
N/A 
Engineering Controls 
Cell culture hood. 
Protective Equipment 
Nitrile gloves. 
Waste Disposal 
Treat medium and other liquids that contact cells with 10% bleach before disposing. 
Accidental Spill 
Clean using absorbent towels and place towels in a waste container. 
 
 
 
 
 
A.IV.ii. Collecting Images With the Zeiss 710  
Updated May 4, 2013 by Michael Poellmann. 
The information below is for using the Zeiss 710 laser scanning microscope in the IGB Core Facilities.  Mayandi 
(Shiv) Sivaguru provides training and support for this equipment.  The procedure below is based on his guidance 
and recommendations, and assumes a TFM experiment using hydrogels embedded with Spherotech Yellow 
fluorescent microparticles and cells labelled with Invitrogen DiI membrane dye.  See "sample prep" for more 
information. 
 
scope and computer setup 
 If this is the first use of the day, ensure that the main power, computer power, and component power 
switches are turned on. 
 Log in to the computer and open the Zen software. 
 In the upper right corner, click Workplace Config -> Default 
 Click File -> Open -> Data D -> Public -> MikeP to bring up the appropriate configuration file. 
 Ensure that the toggle switch on the argon (488 nm) laser power supply is on.  This is the big black box to 
the left of the computer labeled LASOS.  Once the toggle switch is on, turn the key from vertical to 
horizontal.  A pair of red LEDs should be lit.  If not, turn the toggle switch off and on again.  Now look at 
the little controller with the dial sitting on top of the big power supply.  Ensure that the toggle switch on 
the little black box is up.  If it's the first use of the day, turn the dial clockwise until the green LED turns 
red, then turn back until it's green again.  This will maximize current through the laser without burning it 
out. 
 The DPSS laser (561 nm) is turned on by the software, see the Laser menu in the Acquisition tab. 
 Under Channels, ensure that the 488 and 561 laser lines are selected. 
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 Power on the X-Cite lamp. 
sample loading 
 With the Ocular tab open, ensure that the correct objective is selected (Plan Apochromat 20x/0.8). 
 Using the touch screen, set the scope to 'Load Position.'  This moves the objectives away from the stage. 
 Tilt the tower back. 
 Place the sample dish loosely on the stage (unless it's a Chamlide chamber).  Tightly-positioned samples 
are more likely to damage the objectives if they come into contact. 
 Lower the tower back into place. 
 Using the touch screen, set the scope to 'Work Position.'  Ensure that the objective is not in contact with 
the sample. 
 Select the correct filter for the fluorophore to be visualized: FSet38 for green fluorescence 
(microspheres), FSet43 for red fluorescence (DiI). 
 Click 'Online.' 
 Open the shutter on the X-Cite lamp one notch and look through the objectives.  Get part of the sample 
in focus.  Do this rapidly to minimize photobleaching, then close the shutter. 
experiment setup 
 Click back to the Acquisition tab. 
 In the light path menu, ensure that the appropriate Dyes are selected (Alexafluor 488 for microspheres, 
DiI for cell markers) and adjust the band pass detectors so that they do not overlap. 
 Ensure that the dichromatic mirror in the visible light path is set to "488/561."  The mirror in the invisible 
light path should be set to "plate." 
 In the Acquisition Mode tab, ensure that the following settings are correct: 
o Speed: 8 or 9 
o Number: 1 
o Mode: Line 
o Method: Mean 
o Bit Depth: 8 Bit 
o Direction: --> 
o Zoom: 2x (for traction force microscopy) 
 In the Channels tab, ensure that the lines for 488 and 561 are selected.  Set the power to 0.2 
initially.  Increase the gain to 800, but do not change the digital offset or the digital gain for either laser. 
 Click the 1 AU button to set the pinhole diameter automatically. 
 Click on Live (upper right corner) to ensure the settings are correct.  Using both false-color and grayscale 
modes (bottom center of the screen next), adjust the following settings as necessary. 
o Increase the laser power from 0.2 if necessary.  Grayscale mode is the best for this: you want to 
increase the power until just a few of the white pixels turn red.  If a significant fraction of the 
pixels are red, you should decrease the laser power because too many pixels will be at maximum 
brightness.  If no pixels are red, increase the power to take full advantage of the range in the 
photomultiplier tube.  Keep the minimal, as higher laser power will induce photobleaching. 
o Adjust the detection bandpass filters if some of the green microspheres appear as red, or if some 
of the DiI appears as green. 
 Click on Z-stack in the upper left.  Using the focus knob on the touchscreen, and watching the live image 
on the screen, go down (counterclockwise) to the bottom of the sample and click 'Set First.' 
 Focus upwards (clockwise) to the top of the sample and click 'Set Last.' 
 Reduce the slice thickness to 0.5 µm. 
 Click New Image in the upper left, if necessary and click Start Experiment when ready. 
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 Remember to save the image stack by selecting it on the right side of the screen, and save in the D drive. 
for traction force microscopy 
 Using the settings above, center a cell or group of cells in the frame. 
 When balancing the gain and laser power, ensure that none of the 'green' pixels are at maximum 
brightness.  The 'red' pixels (the cell) doesn't matter -- you can even let some of the bead fluorescence 
seep into the red channel. 
 Collect the full thickness of the gel and cells in the z-stack.  TFM works best with 128 slices. 
 Note the X, Y, Zlow, and Zhigh positions of each image.  Collect images at three locations -- more is 
difficult and time consuming. 
 After the third image, inject exactly 1 ml SDS solution into the chamber, taking care not to cause any 
displacement.  Wait 15 min.  You can monitor cell detachment by clicking 'Live.' 
 Navigate to the three locations collected earlier and obtain a second z-stack at each one. 
finishing up 
during normal hours 
 Turn off the DPSS laser in the Zen software. 
 Turn the argon (LASOS) laser off by turning the toggle switch down and the key counterclockwise to 
vertical. 
 Turn the X-Cite lamp off. 
 Navigate to your storage on the D-drive. 
 Copy the newly saved images to network storage. 
 See http://www.igb.illinois.edu/core/account-instructions to access files. 
 
additionally, if during off hours 
 Make sure power stays on to laser for at least 10 min after turning the key off. 
 Turn off power switch the components. 
 Turn off power switch for the computer. 
 Turn off power switch for Main Power. 
 
 
 
 
A.IV.iii. Converting Image Stacks for TFM 
Updated May 13, 2013 by Michael Poellmann. 
This file describes converting data files from the Zeiss 710 LSM to Matlab files.  Matlab code provided by Jennet 
Toyjanova in Christian Franck's lab at Brown. 
image conversion 
 Download your files from the IGB server (details: http://help.igb.uiuc.edu/File_Server_Access) 
 Download the following files and place them in the same folder as the *.lsm confocal scan files: 
o loci_tools.zip (do not unzip) 
o bfGetReader.m 
o bfopen.m 
o bioformats2mat.m 
 Open Matlab and change the Current Directory to the folder with your scans and mfiles. 
 Type bioformats2mat('filename.lsm'); into the command line and hit enter. 
 Converted files will be *.mat cell arrays. 
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A.V.i. Experimental Procedure for Indentation Testing  
Updated February 20, 2013 by Michael Poellmann. 
 
This procedure is for using the Asylum MFP 3D atomic force microscopes in MRL (contact Scott Maclaren) or DCL 
(contact Jennifer Amos in Bioengineering). 
 
The suggested probes are Bruker (formerly Veeco) MLCT.  These probes have 6 cantilevers (5 on one size, 1 on the 
other) with nominal spring constants ranging from 0.01 N/m to 0.50 N/m.  The probes are silicon nitride with a 
backside Au coating to improve reflection.  The largest triangular cantilever is nominally 0.01 N/m.    This is likely 
the best choice for polyacrylamide hydrogel substrates.  The rectangular cantilever to its right is nominally 0.02 
N/m, and the triangular cantilever to its left is nominally 0.03 N/m. 
 
substrate setup 
 Clean a glass slide with 70% ethanol. 
 Attach the gel with coverslip backing to the glass slide with narrow strips of aluminum (or some other) 
tape.  Encircle the tape and gel with hydrophobic ink.  Allow the ink to dry before adding PBS. 
 Ensure that the AFM stage is roughly centered, with the hydrogel in the middle of the slide, over the 
middle of the stage.  The stage is translated manually using micrometers on the front right corner.  These 
micrometers have limited range, and if the sample is properly centered initially, that range should be 
adequate. 
 Affix the slide with substrate to the stage with magnets.  If the stage is mounted on an inverted 
microscope, ensure that the center of the gel is over the lens. 
 Carefully place a droplet of PBS on the hydrogel.  Do not allow any liquid to fall off the slide and into the 
sage.  For a 12 mm coverslip, 200 ul should do. 
 
probe setup 
 Remove the tip holder from the AFM and take to the bench top. 
 Loosen the screws on the tip holder. 
 Slide the probe into the holder with the 5-cantilever side pointing out.  Properly seating the probe in the 
tip holder takes practice. 
 Tighten the screws, starting with the ones on the side.  DO NOT OVERTIGHTEN.  Apply minimal 
pressure.  These little buggers get stripped all the time. 
 Place the tip holder, with probe, back in the AFM. 
 Using a micropipetter, place a droplet of PBS around the probe.  Start by pipetting on one side and slowly 
move around in a crescent, then once over the top.  MAKE SURE THAT NO LIQUID GETS INTO THE 
AFM.  The liquid should be between the tips and the tip holder, as the surface tension of an air bubble 
here will likely break all the tips. 
 
AFM setup 
 Turn on the laser (key on the AFM system), lamp, and, if using an inverted microscope, the fluorescence 
light source. 
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 Open the MFP3D software.  It may take a minute to load.  Open the camera window and sum and 
deflection meter if they do not automatically appear.  Close the scanning windows, as they are not 
important. 
 If using a microscope-mounted AFM, locate the pattern using the ocular lenses and ensure it's in the 
center of the working area. 
 Ensure that the legs on the AFM are extended to provide enough clearance over the substrate. 
 With the tip holder securely in the AFM, carefully turn the AFM over the substrate and set in the stage. 
 Place a bubble level on top of the AFM and lower the three legs until the droplets merge together, but 
the cantilevers are not yet in contact with the substrate.  The PBS droplets should merge without air 
bubbles, though this is difficult to see. 
 Turn the knobs at the rear of the AFM to center the camera on the cantilever to be used.  If necessary, 
adjust the focus. 
 Turn the LDX and LDY wheels to position the laser spot at the tip of the cantilever.  Try to maximize the 
'SUM' signal. 
 Adjust the photodetector (PD) to zero out the deflection. 
 Lower the AFM until it contacts the substrate surface and deflects.  This is easy to see with large 
cantilevers.  Raise the cantilever back up. 
 Click 'Engage.' 
 Slowly lower the AFM again, ensuring with the bubble level that it's even, until you hear a chime.  Then 
click 'Withdraw.' 
 
collecting force curves 
 In the 'Force' tab, adjust the settings to your liking and click 'Single Curve.'  If it doesn't trigger, you likely 
need to lower the cantilever further. 
 For polyacrylamide testing, I typically use the following settings: 
o Distance: 1-5 microns 
o Scan Rate: 1-2 Hz 
o No Dwell 
o Trigger Channel: DeflVolts (click 'increasing' and 'absolute') 
o Trigger Point: 1-5 V 
 In the 'FMap' tab, adjust the settings to your liking.  Click the Path button to define a location to save the 
files. 
 For polyacrylamide testing, a preliminary run with the following settings is appropriate: 
o Scan size: 50 um 
o Force Points: 10 
o Force Lines: 10 
 If some points don't trigger, adjust settings and z height appropriately.  Once everything is set, the 
following settings would provide a large area map with 1 micron resolution: 
o Scan size: 50 nm 
o Force Points: 50 
o Force Lines: 50 
 Subsequent scans follow the same paths, but in different directions. 
 Note the filenames for data export later. 
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calibrating the spring constant 
 With the cantilver over the substrate, rise up a good distance away from the surface and ensure the 
deflection is close to zero. 
 In the 'Thermal' tab, click 'Capture Thermal Data.'  A window and frequency spectrum should appear. 
 Click 'Fit Thermal Data' to fit a curve to the spectrum.  Adjust Frequency and Fit Width to nudge the best-
fit line to different peaks.  Check the manufacturer specifications for the probe, as they should provide 
nominal, minimum, and maximum values for the resonant frequency. 
 The Spring constant should display in the window.  Save screen captures as an easy way to record this 
value with your data. 
 Move away from the hydrogel and position the cantilever over glass. 
 Collect a force map over the rigid substrate using the procedure above (though the array does not need 
to be as large).  This is necessary to determine the cantilever sensitivity. 
 
 
 
 
 
 
A.V.ii. Exporting Force Curves  
Updated March 12, 2012 by Michael Poellmann. 
This site describes how to convert force curves from IGOR PRO binary data (*.ibw) into a text file that Matlab can 
read. This can be done any time after the data are collected. 
 Open IGOR. Wait while everything loads, choose the correct directory, and close unnecessary windows. 
 In the Master Panel, open the Force tab and click the Review button. The Master Force Panel will appear. 
 Click the Load button. 
 Browse to the folder that contains the force map data.  Click OK. 
 Highlight the *.ibw files that contain the curves to be exported (shift-click to highlight several). Loading 
more than 25 force curves at once can take some time, so if the force map is very large, simply open one 
line of data at a time. 
 The force curves should appear superimposed on a single plot. In the plot window, click the Edit Button. 
 A table will appear displaying all the force curve data. Click once somewhere on the table.  Click File -> 
Save Table Copy. Save the file as .csv (comma delimited). 
 The *.csv files should be in the same folder as the *.ibw files. Transfer them to a portable drive. 
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Appendix B. Supplements to Chapter 2 
 
B.I Chemistry of Coverslip-Hydrogel Bonding 
 Polyacrylamide is typically cast in a thin sheet bonded to a glass coverslip.  Free floating gels are 
extremely fragile and nearly impossible to handle without tearing.  The bonded coverslip makes handling 
much easier.  The majority of mechanobiology studies using polyacrylamide employ a two-step procedure to 
create a glutaraldehyde-functionalized coverslip [Beningo 2002, Kandow 2007].  The bond between 
glutaraldehyde (-COH) and an amine-terminated sliane (-NH2) is a Schiff base interaction, and although it is a 
covalent bond, it is unstable for long periods of time without subsequently treating with a reducing agent 
[Hermanson 2008].  The vast majority of mechanobiology experiments seemingly neglect this step because 
the bonding remains stable enough for relatively short-term experiments.  However, we observed hydrogels 
peeling after approximately one week in culture, and sought a different approach. 
 An alternative, one-step method has proven to be more durable in our work.  Methacrylate-
terminated silanes have been used to bond polyethylene glycol substrates to glass [Liu and Bhatia 2002, Saha 
2008].  Methacrylate (and acrylate-terminated) silanes polymerize directly to the monomers and crosslinkers 
in solution because they contain the same functional group activated by APS and TEMED.  The procedure 
used here is based on methods published by Liu and Bhatia [2002] and a protocol by Hermanson [2008].  
Coverslips are first etched in NaOH to increase surface area and expose –OH groups, then treated with 3-
(trimethoxysilyl) propyl methacrylate (acryl-silane).  Figure B.1 illustrates the chemical reaction. 
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Figure B.1., Modification of glass coverslips with acryl-silane, adapted from Hermanson 
[2008].  The methacrylate groups polymerize with AAm in subsequent steps. 
 
 
B.II. Estimating Reagent Concentrations 
 Rough calculations to estimate the amount of protein available for cell attachment agree remarkably 
well with experimental observations.  We assume that 1) all acrylic acid is incorporated into the polymer, 2) 
10% of those acrylic acid groups are functionalized with NHS, and 3) 10% of functionalized groups bind to a 
fibronectin protein.  Note that initial tests with BSA reported 0.3% binding efficiency, so 1.0% was a 
reasonable estimate for a fully-optimized procedure.  Given that the molecular weight of acrylic acid is 72.06 
g/mol, its density close to 1, and that the molecular weight of fibronectin is roughly 440 kDa [BD Biosciences], 
we can estimate how much protein should attach at a combined 1% efficiency.  The results are shown below 
(Figure B.2) for different depths in the hydrogel.  While we observe fluorescence from proteins as deep as 20 
μm below the surface (Figure 3.2.e), cells can probably only access the top 10-100 nm based on 
measurements of pore size [Trappmann 2012].  Assuming cells can “reach down” 100 nm, they should be able 
to access 1.2, 2.4, and 4.8 μg/cm2 on substrates with 0.2, 0.4, and 0.8 wt.% acrylic acid, respectively.  All 
values fall within the supplier’s recommended coating density of 1-5 μg/cm2. 
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Figure B.2. Estimates of protein density conjugated to the surface of the hydrogel depending 
on acrylic acid concentration and conjugation depth.  If the two steps required for protein 
conjugation are each 10% efficient and that cells can access proteins conjugated up to 100 
nm deep, substrates with acrylic acid concentrations ranging from 0.2 to 08 wt.% should be 
within the range suggested in product literature [BD Biosciences]. 
 
Rather than optimizing EDC and NHS concentrations, we looked to procedures published by two 
sources, triangulated them.  In actuality, we overshot them, because both EDC and NHS are pretty cheap, so 
why not throw a lot more than we need on our substrates?  Kandow et al. suggested 0.2 wt.% acrylic acid, 26 
mg/ml EDC (135 mM), and 0.6 mg/ml (5.2 mM) NHS.  Hermanson suggests just 2 mM EDC and 5 mM sulfo-
NHS.  (Sulfo-NHS will dissolve in water at higher concentrations, but it’s a lot more expensive.  NHS dissolves 
just fine for us, thanks.)  In early tests with BSA, we used 3 mM EDC and 5 mM NHS.  After realizing that we 
were getting less than 1% of protein binding (Figure 2.4), we increased this to 100 mM EDC (19 mg/ml) and 
250 mM NHS (29 mg/ml).  This is in the ball park of Kandow’s suggested EDC concentration, with NHS 
adjusted in a ratio consistent with Hermanson’s protocol.  Given that NHS physically displaces EDC 
[Hermanson 2008], it’s hard to understand why Kandow et al. uses such a tiny amount.  But then again, 
Kandow et al., also add their protein dissolved in pH 6 MES buffer rather than the higher pH HEPES buffer 
that Hermanson suggests and that we quantitatively show (Figure 2.4) to be more efficient.  Anyway, using 
the “100 nm deep” value given above, acrylic acid groups should be in the neighborhood of nM, giving us a 
100,000x molar excess of EDC and NHS to hit them with. 
 The final question was: just how much protein can we pack in?  In other words, because 
concentration scales down by a power of three, will we be printing droplets so small, containing so little 
protein, that cells won’t be able to find a dense-enough patch to latch on to?  Using 2 and 5 μm-diameter 
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nozzles, a good estimate of resolution is spot sizes between 1 and 30 microns in diameter.  Any smaller, and 
it’s not visible with the camera.  We assumed that any given droplet formed a hemisphere on the gel surface.  
Given that the stock concentration of fibronectin is 1.0 mg/ml [BD Biosciences] and that we need to include 
buffer, salts, glycerol and Tween (Chapter 3), we assumed that our inks would have a maximum 0.5 mg/ml 
concentration.  (In reality, our fully-optimized inks are 0.4 mg/ml.)  Estimates show that protein density 
depends on spot size (Figure B.3), and all by 30 μm spots would lack the ligands required to support cell 
attachment [BD Biosciences]. 
 
 
 
Figure B.3. Estimates of protein density conjugated to the surface of the hydrogel depending 
on protein concentration. 
 
 
 
 Luckily, printed droplets do not form perfect hemispheres.  They instead sink into the hydrogel, at 
least partially, after printing.  We can therefore jet multiple small droplets into a single spot to achieve the 
protein density necessary to support cell adhesion.  This, in fact, was the method ultimately chosen.  The fully-
optimized procedure in Chapter 3 describes jetting (ideally) 10 droplets into a single 20 μm-diameter spot to 
achieve the necessary ligand density. 
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B.III Statistical Tables 
 
Table B.1. Pairwise comparisons of toluidine blue stain (Figure 2.2) 
total monomer/bis  acrylic acid 
wt.% wt.% p value  wt.% wt.% p value 
8.2/.20 6.2/.15 .0394  0.2 0.0 .0024 
10.2/.25 6.2/.15 .0002  0.4 0.0 <.0001 
10.2/.25 8.2/.15 .0574  0.4 0.2 .1707 
 
 
Table B.2. Pairwise comparisons of Young’s modulus depending on acrylic acid (Figure 2.3.c) 
4.2 wt.% total monomer  12.2 wt.% total monomer 
acrylic acid acrylic acid p value  acrylic acid acrylic acid p value 
0.2 0.0 .9676  0.2 0.0 .8150 
0.4 0.0 .9810  0.4 0.0 .4937 
0.8 0.0 .0960  0.8 0.0 .0583 
0.4 0.2 .9994  0.4 0.2 .8956 
0.8 0.2 .0786  0.8 0.2 .0192 
0.8 0.4 .0590  0.8 0.4 .0140 
 
 
Table B.3. Pairwise comparisons of Young’s modulus depending on bead concentration 
(Figure 2.3.f) 
bead concentration 
vol.% vol.% p value 
10 0 .0132 
15 0 .0092 
15 10 .9922 
 
 
Table B.4. Pairwise comparisons of buffer pH (Figure 2.4) 
NHS activation buffer  protein buffer 
pH pH p value  pH pH p value 
5.0 4.0 .6630  8.0 7.5 .9772 
6.0 4.0 .0002  8.5 7.5 .5634 
7.0 4.0 < .0001  9.0 7.5 .0358 
6.0 5.0 .0035  8.5 8.0 .8020 
7.0 5.0 < .0001  9.0 8.0 .0858 
7.0 6.0 .2695  9.0 8.5 .4049 
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Table B.5. Pairwise comparisons of bound bovine serum albumin protein detected with 
Coomassie blue stain depending on acrylic acid concentration (Figure 2.5.b) 
acrylic acid 
wt.% wt.% p value 
0.2 0.0 .0095 
0.4 0.0 .0001 
0.4 0.2 .5287 
 
 
 
 
Table B.6. Pairwise comparisons of bound collagen/fibronectin protein ink detected with 
microBCA assay depending on acrylic acid concentration (Figure 2.5.c) 
acrylic acid  acrylic acid 
wt.% wt.% p value  wt.% wt.% p value 
0.2 0.0 .3057  0.4 0.2 .7426 
0.4 0.0 .0759  0.8 0.2 .0716 
0.8 0.0 .0057  0.8 0.4 .2900 
 
 
 
 
Table B.7 Pairwise comparisons of cell density on substrates with variable acrylic acid 
(Figure 2.6a) 
   
substrate substrate p value  substrate substrate p value 
0.4 0.2 .4275  0.0 0.4 .0001 
0.8 0.2 .7305  G 0.4 .2152 
0.0 0.2  .0042  0.0 0.8 .0736 
G 0.2 .9910  G 0.8 .9320 
0.8 0.4  .0456  G 0.0 .0126 
*numbers denote wt.% acrylic acid in 8.2 wt.% total monomer substrates, G denotes glass 
 
 
 
 144 
 
Table B.8 Pairwise comparisons of cell area on substrates with variable acrylic acid 
(Figure 2.6b) 
   
substrate substrate p value  substrate substrate p value 
0.2 0.0 < .0001  0.8 0.2 .9573 
0.4 0.0 < .0001  G 0.2 < .0001 
0.8 0.0  .0005  0.8 0.4 .9999 
G 0.0 < .0001  G 0.4 < .0001 
0.4 0.2  .9722  G 0.8 < .0001 
*numbers denote wt.% acrylic acid in 8.2 wt.% total monomer substrates, G denotes glass 
 
 
 
Table B.9 Pairwise comparisons of cell circularity on substrates with variable acrylic acid 
(Figure 2.6c) 
   
substrate substrate p value  substrate substrate p value 
0.2 0.0 < .0001  0.8 0.2 .9894 
0.4 0.0 < .0001  G 0.2  .9090 
0.8 0.0 < .0001  0.8 0.4 .9968 
G 0.0 < .0001  G 0.4  .8189 
0.4 0.2  .9998  G 0.8  .6978 
*numbers denote wt.% acrylic acid in 8.2 wt.% total monomer substrates, G denotes glass 
 
 
 
B. IV Supplementary Results and Discussion 
substrate  wrinkling 
 In the earliest tests, we observed wrinkling on the surface of the substrates after activation.  This 
wrinkling was often severe enough to be observed with phase contrast microscopy (Figure B.9), and is 
apparent in immunofluorescent staining (Figure 3.7.a-c).  This phenomenon has been observed by others 
[Saha, 2010], though is rarely addressed in cell mechanics literature.  Through trial-and-error, we found that 
this wrinkling was minimized by adding 5% glycerol at two critical steps: the NHS activation solution and the 
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soaking solution used immediately before that.  Wrinkles were no longer visible under phase contrast (Figure 
B.4), though some widely-spaced wrinkles are likely still present (Figure 3.8 and Figure C.2).  
 
Figure B.4. Phase contrast images show substrates activated under NHS solutions with 
(right) and without (left) glycerol.  Wrinkles are clearly present on substrates treated 
without glycerol. 
 
bead clumping in traction force microscopy substrates 
 Early attempts to create substrates for traction force microscopy (TFM) were unsuccessful due to a 
high incidence of bead clumping. Through trial-and-error, we determined that including NaCl in the 
prepolymer solution induced this behavior.  The beads are polystyrene and coated with hydrophobic carboxyl 
groups.  Adding salt likely interferes with the hydrogen bonding between these groups and water molecules, 
causing them to aggregate instead in a process similar to inducing protein precipitation by “salting out” 
[Rosenberg, 2005]. 
 
 
Figure B.5. Beads clumped together when NaCl was present in the prepolymer solution.  The 
image above shows two gels with (left) and without (right) NaCl in the prepolymer, with 15 
vol.% bead solution. 
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Appendix C. Supplements to Chapter 3 
 
 C.I. Nozzle Clogging and Environmental Conditions 
 The biggest challenge encountered in printing proteins involved nozzle clogging.  We went through 
great lengths to formulate the ink to minimize clogging, and after publishing the Macromolecular Biosciences 
paper [Poellmann 2010], began using a low-heat LED light source.  Nevertheless, we frequently saw clogging, 
and began to track three variables that we suspected were involved: environmental humidity, the age of the 
hydrophobic (thiol) solution used to treat the nozzles prior to printing, and the amount of time the nozzles 
spent in hydrophobic solution. 
 The results (Figure C.1) revealed two important points.  First, nozzles typically clogged when the 
relative humidity was below 20%.  Humidity in the winter was rarely above 20%, making printing a 
challenge.  Second, the hydrophobic solution appeared to expire after approximately 2 months.  The time 
nozzles were dipped in hydrophobic solution did not have a clear effect, though it’s possible that longer 
treatment times may have made up for older solutions. 
 Clogging remains a significant challenge.  Even ‘successful’ nozzles, marked with green spots in 
Figure C.1, tended to clog before they could be used to pattern a second substrate.  These nozzles were a 
significant expense, costing $12.50 a piece even before sputter coating.  The time required to replace a nozzle 
was also made patterning a time-consuming affair.  In the short term, we suggest avoiding printing when 
humidity is below 20% (that is, most of winter), and remixing hydrophobic solutions every 60 days.  In the 
long term, e-jet systems should be developed 1) with more cost-effective nozzles, and 2) in an environment 
where humidity can be controlled.  It’s likely that e-jet printing will approach the ease and cost-effectiveness 
of inkjet printing in the coming decade, but scale-up will be difficult with the current system. 
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Figure C.1. Three factors appear to influence nozzle clogging.  (a) Nozzles frequently clog at 
below 20% relative humidity.  ‘Completing G-code’ refers to printing a full array of 
hexagonal spots, a process that requires consistent jetting for roughly 15 min. 
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C.II. Fibronectin Immunostaining 
 The images below (Figure C.2) show the full range of ‘spots’ and ‘rings’ patterned with e-jet printing 
on 19 kPa substrates with variable acrylic acid concentration.  While the printed protein appeared to flow 
together into a continuous patterns in each of the cases pictured, immunofluorescence revealed them to be 
discrete spots.  This is perhaps evidence proteins were driven into the hydrogel, as the confocal image in 
Figure 3.2.e suggested, rather than just pooling at the surface.  Also note that creases appeared in 0.4 and 0.8 
wt.% acrylic acid gels.  These creases were not apparent under brightfield or phase contrast microscopy, and 
were significantly shallower and wider-spaced than those that appeared using earlier methods (see Figure 
3.2.b and B.9). 
 
 
 
Figure C.2. Full results for immunostaining for fibronectin in printed inks.  In general, spots 
appear discrete from one another, although they do occasionally trail into one another.  
Immunofluorescence also highlighted creases on some substrates that were too small or 
shallow to be visible under phase contrast microscopy. 
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Appendix D. Supplements to Chapter 4 
 
D.I. Shape Factors of Isolated Cells 
We used three different mouse-derived cell lines to model different stages of osteogenesis.  D1 ORL 
UVA mesenchymal stem cells, passage 3-10 (ATCC), mouse MC3T3-E1 preosteoblast cells, passage 3-10 
(ATCC), and mouse MLO-A5 late-osteoblast cells (generous gift of Prof. Lynda Bonewald) were expanded in T-
75 flasks (Sarstedt) in 37C, humidified incubators with 5% CO2 and passaging with 0.05% trypsin EDTA 
(Gibco).  D1s were cultured in Dulbecco’s Modified Eagle Medium-low glucose, modified to contain 4 x 10-3 L-
glutamine, 1x10-3 M sodium pyruvate, and 3.7 g/L sodium bicarbonate (UIUC Cell Media Facility) 
supplemented with 10 vol.% fetal bovine serum (Benchmark).  MC3T3-E1s were cultured in Alpha Modified 
Eagle Medium without ascorbic acid, modified to contain 2 mM L-glutamine and 1 mM sodium pyruvate 
supplemented with 10 vol.% fetal bovine serum.  MLO-A5s were cultured in the same Alpha-MEM, but with 5 
vol.% fetal bovine serum and 5 vol.% fetal calf serum (Gibco) and in flasks coated with collagen (BD 
Biosciences).  All media were supplemented with 100 U/ml penicillin-streptomycin (Mediatech).  These cell 
lines are referred to as D1s, E1s, and A5s for brevity. 
Shape factors were calculated for 10 randomly-selected cells of each type from two independent 
substrates.  NIH ImageJ was used to trace the cells and calculate cell area, circularity, roundness, and aspect 
ratio. Error bars on bar graphs represent ± standard deviations.  One-way analysis of variance (ANOVA) tests 
with Tukey post-hoc means comparisons were conducted using R software [Dalgaard 2002].  Plots were 
created with R [Wickham 2009] and Microsoft Excel.  
Fluorescent imaging revealed that D1 MSCs had fewer stress fibers than E1 pre-osteoblasts or A5 
late-osteoblasts (Figure 4.1).  Where D1 and E1 cells typically had 2 or 3 protrusions, A5s often had more 
than 10, but much shorter protrusions.  Ten images were selected at random for shape factor analysis.  E1 
cells spread across a greater area than either D1s or A5s (Figure 4.2.a).  The differences in protrusions were 
reflected in declining circularity (Figure 4.2.b), declining aspect ratio (Figure 4.2.c), and increasing roundness 
(Figure 4.2.d) with differentiation stage.  Of these, only roundness reached statistical significance. 
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Figure D.1. Rhodamine phalloidin (red) stains revealed the actin cytoskeleton.  D1 cells (a,b) 
tended to have fewer stress fibers than E1s (c,d) or A5s (e,f).  A5 cells had significantly more 
protrusions. 
 
 
 
 
 
 
 
Figure D.2. Comparison of cell shape factors.  (a) E1 cells spread across a larger area than 
either D1 or A5 cells.  (b) Cell circularity and (c) aspect ratio decreased with differentiation, 
though results did not reach statistical significance.  (d) Isolated A5 cells were significantly 
more round than D1 or E1 cells.  Asterisks denote p < .05 comparison with both other cell 
types.  See Appendix D for pairwise comparisons. 
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D.II. Statistical Tables 
 
 
Table D.1. Pairwise comparisons of single cell area 
cell type 
vol.% vol.% p value 
D1 A5 .4236 
E1 A5 .0006 
E1 D1 <.0001 
 
 
Table D.2. Pairwise comparisons of cell aspect ratio 
cell type 
vol.% vol.% p value 
D1 A5 .0462 
E1 A5 .4929 
E1 D1 .3719 
 
 
Table D.3. Pairwise comparisons of cell roundness 
cell type 
vol.% vol.% p value 
D1 A5 .0364 
E1 A5 .0623 
E1 D1 .9667 
  
 
Table D.4. Pairwise comparisons of areas of unpatterned cells and cells  
cell type 
vol.% vol.% p value 
D1 A5 .0364 
E1 A5 .0623 
E1 D1 .9667 
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Table D.5. Pairwise comparisons of areas of unpatterned cells and cells  
nodule size 
spots spots p value 
5 3 .9775 
7 3 .2327 
9 3 .1456 
7 5 .1242 
9 5 .0754 
9 7 .9848 
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Appendix E. Supplement to Chapter 5 
 
E.I Printing Consistency 
 The spot-to-spot and nozzle-to-nozzle consistency of e-jet printing was evaluated by printing 
rows of droplets using hydrogel-based ink.  After several minutes of printing, the stage was 
positioned in front of the camera such that the spots were in focus.  ImageJ was used to measure 
droplet diameter and droplet spacing (center-to-center) from several droplets on each screenshot 
(Figure E.1.a,b).  Evaporation was not accounted for, but droplets seemed to shrink for the first 
second or so after printing before maintaining size and shape. 
We printed spots at 2, 4, and 10 Hz frequencies, translating the stage at 0.1, 0.2, and 0.5 
mm/s.  We evaluated 5 nozzles, although not every nozzle was able to print at every frequency 
before we arced the tip or otherwise had to cancel the test.  Nozzles were positioned with 50 μm 
standoff height.  We found little variation in droplet spacing across nozzles and frequencies (Figure 
E.1.c), reflecting precise control over the positioning and velocity of the stages (Aerotech).  Droplet 
diameter, however, had large variation from nozzle-to-nozzle, reflecting the unique values of 
backpressure and voltages required to get each one to print at the desired frequencies (Figure E.1.d).  
The diameter of droplets printed through a given nozzle was fairly consistent even across 
frequencies. 
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Figure E.1. Consistency in hydrogel droplet spacing and diameter across nozzles 
(colors).  Stage speed and pulsing frequency were matched such that nominal 
spacing between droplets was 50 μm.  (a,b) Measurements were made from 
screenshots after printing several rows of droplets.  (c) Droplet spacing, measured 
center-to-center, was consistent across nozzles and frequencies.  (d) Droplet 
diameter varied widely from nozzle-to-nozzle, but was consistent for a given nozzle 
across frequencies.  All data were collected at 2, 4, or 10 Hz frequency, and lateral 
spacing between data points was for clarity. 
 
 Variability in droplet diameter most likely stemmed from variability in nozzle geometry.  
The tips were pre-pulled glass pipettes with a published inner diameter tolerance of +/- 20% [World 
Precision Instruments].  The backpressure and jetting voltages need to be tuned for each, typically 
ranging from 1.5-3.0 psi and 150-300 V, respectively.  Typically, smaller droplets could be obtained 
by lowering the backpressure and raising the voltage, but in practice, this is difficult to do for two 
reasons.  First, there is a narrow margin of error.  At a given backpressure, droplets jetted over a +/- 
5 V range – any lower would result in slower-than-pulsed jetting, and any higher resulted in arcing.  
Second, there was no way to quickly or easily measure droplet diameter during printing itself.  All the 
above measurements were made after jetting several lines.  Environmental conditions (Appendix C) 
and variations in substrates or inks may have also played a role.  Nevertheless, we suggest that 
improvement in nozzle tolerance is the single best step towards improving hydrogel printing 
consistency. 
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E.II. UV Exposure Power 
  UV exposure power was found through trial-and-error.  Too little power during the first 
exposure, and the droplets would fail to gel.  Too little in the second exposure, and the backfill would 
fail to gel.  Too much power resulted in stronger hydrogel-substrate adhesion, making it difficult to 
separate and often resulting in residue left behind.  Hydrogel composition seemed to contribute as 
well, with softer prepolymers taking longer to gel and, as a result, separating more cleanly from the 
substrate.  We settled on a 20 s first exposure, and a 60 s second (backfill) exposure. 
 
Figure E.2. UV exposure power was critical to proper patterning and hydrogel 
separation.  (Center) In general, longer exposure times resulted in greater droplet 
shrinkage (from bulk measurements of droplets) and stronger adhesion to the 
silicon.  (Left) Weak droplet-substrate bonding often resulted in the droplets 
floating off when the backfill was applied.  This image shows droplets floating in 
random orientations in the backfill rather than forming an orderly array on the 
surface.  (Right) Longer exposures resulted in stronger droplet-substrate bonding.  
When the backfill was peeled off, fluorescent residue could be seen on the wafer 
(top) and the pattern was barely visible in the gel (bottom), indicating that it had at 
least partially torn apart during separation. 
 
 
 
 
E.III Atomic Force Microscopy for Stiffness and Topography Mapping 
E.III.i. indentation models 
 AFM has been widely used to measure the stiffness of hydrogels that are too thin, too fragile, 
or otherwise not manufactured to be compatible with larger mechanical testing equipment [Domke 
and Radmacher 1998, Costa and Yin 1999].  The concept is simple: a cantilever probe is lowered to 
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the surface of the material.  As it comes into contact, the probe deflects an amount that depends on 
the stiffness of the material and the spring constant of the cantilever.  Probe deflection (d) is 
measured by reflecting light off the cantilever backside.  From the deflection and vertical positioning 
(z), we can calculate indentation ().  With knowledge of the spring constant (k, see ‘cantilever 
calibration’ below), we can calculate force. 
𝑑 = 𝑧 − 𝛿 
𝐹 = 𝑘𝑑 
 Calculating the Young’s modulus (E) from indentation data requires the use of a geometric 
model to account for probe geometry.  Many researchers effectively use spherical-tipped probes to 
find the Young’s modulus of polyacrylamide and other soft materials […refs…].  The Hertz model of 
spherical indentation relating F and E is relatively straightforward [Domke and Radmacher 1998], 
making this method ideal for many researchers looking to determine Young’s modulus of materials 
that are too fragile to test using more standard tensile tests.  The drawback of these spherical probes 
is their size: typically 5 µm in diameter or larger.  As our goal was to map stiffness at the micron 
scale, we were forced to use more conventional pyramidal tips.  This choice has two drawbacks.  
First, the smaller indentation area required us to use extremely soft probes that were fragile and 
more prone to noise.  Second, we needed to use more complicated indentation models that required 
complex assumptions and simplifications regarding probe geometry.  This was a tradeoff between 
accuracy and spatial resolution. 
 We used models of conical indentation published by Costa and Yin [1999, see also Crick and 
Yin 2007].  The general relationship between E, Poisson’s ratio (), and F is as below, where  is a 
function of  and probe geometry. 
𝐸 =
𝐹(1 − 𝜈2)
𝜋𝜑(𝛿)
 
 For a sharp cone, the calculation is as straightforward as the Hertz model of indentation.  
However, it requires simplifying an otherwise pyramidal probe with three different face angles as a 
cone with a constant angle ().  
 157 
 
𝜑(𝛿) = 𝛿2 [
2tan⁡(𝛼)
𝜋2
] 
 A better model, particularly at indentation depths less than 100 µm [Mathur 2001], is one 
that assumes the tip is blunted with a spherical cap of radius R [Costa and Yin 1999]. 
𝜑(𝛿) =
2
𝜋
{𝑎𝛿 −
𝑎2
2 tan(𝛼)
[
𝜋
2
− arcsin (
𝑏
𝑎
)] −
𝑎3
3𝑅
+ (𝑎2 − 𝑏2)1/2 [
𝑏
2tan⁡(𝛼)
+
𝑎2 − 𝑏2
3𝑅
]} 
The geometric parameters a and b are derived from the following equations. 
𝛿 +
𝑎
𝑅
[(𝑎2 − 𝑏2)1/2 − 𝑎] −
𝑎
tan(𝛼)
[
𝜋
2
− arcsin (
𝑏
𝑎
)] = 0 
𝑏 = 𝑅𝑐𝑜𝑠(𝛼) 
 Matlab functions for these two models are included below.  Note that we did not use an 
equation solver (the function asolve, for instance) because they gave inconsistent results.  Instead, 
we calculate a given a range of possible , then use that array to find a at each specific  in our data 
array. 
 
 
function E_map = E_cone(delta,force,alpha) 
%calculates Young's modulus using sharp cone model 
  
E_curve = zeros(length(delta),1); 
for i = 1:length(delta) 
    E_curve(i) = 1000*3/8*force(i)*pi()/(tand(alpha)*delta(i)^2); 
    %multiplied by 1000 to convert to kPa 
end 
  
E_map = [delta,E_curve];  
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function E_map = E_blunt(delta,force,alpha,b,R,nu,max_indent) 
%calculates Young's modulus using blunt cone model (Costa and Yin 1999) 
  
%define minimum value for a, which won’t be less than b 
a1 = int32(b); 
if a1 < b 
    a1 = a1 + 1; 
end 
  
%define a past max value of indentation 
a2 = max_indent; 
aa = double(a1:1:a2); 
  
%calculate function for a 
Fa = zeros(length(aa),1); 
for i = 1:length(aa) 
    Fa(i) = aa(i)/tand(alpha)*(pi()/2-asin(b/aa(i))) ... 
        - aa(i)/R*(sqrt(aa(i)^2-b^2)-aa(i)); 
end 
  
%now go point-by-point through indentation 
E_curve = zeros(length(delta),1); 
phi = zeros(length(delta),1); 
for i = 1:length(delta) 
     
    %spherical indentation 
    if delta(i) <= sqrt(R^2-b^2) 
         
        E_curve(i) = 1000*3*force(i)*(1-nu^2) / ... 
            (4 * delta(i)^1.5 * sqrt(R)); 
        %multiplied by 1000 to convert to kPa 
    end 
     
    %rounded cone indentation 
    if delta(i) > sqrt(R^2-b^2) 
         
        %find a 
        j = 0; 
        a = 0; 
        while a == 0; 
            j = j+1; 
            if Fa(j) >= delta(i) 
                a = aa(j); 
            end 
        end 
         
        %calculate E 
        phi(i) = a*delta(i)... 
            - a^2/(2*tand(alpha))*(pi()/2-asin(b/a))... 
            - a^3/(3*R)... 
            + ((a^2 - b^2)^.5)*(b/(2*tand(alpha))+(a^2-b^2)/(3*R)); 
         
        E_curve(i) = 1000*force(i)*(1-nu^2) / (2*phi(i)); 
    end 
end 
  
E_map = [delta,E_curve]; 
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E.III.ii. choosing appropriate AFM probes 
 In order to choose an appropriate AFM probe, we used the cone model of indentation and 
calculated the resulting deflection-indentation curves for a number of different spring constants.  We 
wanted the curves to be widely spread apart across the Young’s moduli of the prepolymers we 
formulated, so simulations were run for values ranging from 2 to 50 kPa.  Spring constants that were 
too soft would result in very steep deflection-indentation curves, making it especially difficult to 
distinguish stiffer hydrogels from one another.  Stiff spring constants would not deflect at all, simply 
press into the substrate, and make it difficult to distinguish softer polymer. 
The ideal cantilever would have a spring constant that resulted in a roughly 45° deflection-
indentation curve.  Our simulations predicted that a spring constant of approximately 5 pN/nm 
produced such a result at ~25 kPa at 1 µm indentation.  Unfortunately, the softest commercially-
available cantilevers we found had nominal spring constants of 10 pN/nm.  Our simluations 
suggested that, with these cantilevers, we would have trouble distinguishing between hydrogels with 
Young’s moduli softer than 10 kPa.  To compensate, the simulations also suggested that we maximize 
indentation depth. 
 
 
 
Figure E.3. Simulated deflection-indentation curves with four different spring 
constants on substrates with Young’s moduli ranging from 2 to 50 kPa.  The top row 
shows indentation at up to 1 µm.  The bottom row is an inset showing the first 200 
nm. 
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 As noted in section 5.3.3, we typically analyzed plots at 100 nm indentation.  This was 
necessary for a number of reasons, but mostly because signal drift over the course of a 45 min test 
made it difficult to collect an entire map with deeper indentations.  Subsequent work should target 
smaller scans – perhaps in a line directly across a spot rather than a full map – and target 1000 nm 
deep indentation. 
E.III.iii. cantilever calibration 
 Converting a raw deflection curve into force-indentation data required knowledge of two 
probe properties: the spring constant and the sensitivity.  The spring constant (typically reported for 
soft probes in pN/nm) was found through thermal calibration using Asylum software.  The sensitivity 
of a probe is a correction factor to convert measured deflection (in nm or V) into true deflection (in 
nm).  Conventionally, this value can be found by indenting the probe against a stiff substrate – that is, 
one that the probe cannot indent.  With indentation known to be zero, deflection should ideally be 
equal to the measured vertical displacement (z).  We indented several times against a glass surface, 
plotted measured deflection against z, and fit the slope of the line to get a value for sensitivity 
(nominal or measured/true deflection).  However, analysis of the data with these values of sensitivity 
returned inconsistent and sometimes physically impossible results for the Young’s modulus.  
Reasons for inaccurate sensitivity measurements include damaging the tip during movement 
between the gel and glass, and the fact that the gel and glass surfaces were likely not parallel.  On an 
uneven surface, the tip may torque and return inaccurate deflection values.  As an alternative, we 
calibrated sensitivity values by matching the calculated Young’s modulus of the backfill (with the 
blunt cone model, described below) with measured bulk properties.  Note that most studies do not 
report a method to calculate sensitivity, or neglected to measure it in the first place. 
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Table E.1 Substrate and probe parameters used to calculate elasticity maps 
measurements data analysis 
date scan 
bulk E 
(kPa) 
spring 
constant 
(pN/nm) 
measured 
sensitivity 
(nm/nm or 
V/nm) 
calculated 
sensitivity 
(nm/nm or 
V/nm) 
E  
mean 
(kPa) 
E 
std. 
dev. 
(kPa) 
indentation 
depth (nm) 
maximum 
depth (nm) 
5/01 0002 49 4.58 1.66 1.15 49.80 3.26 100 200 
5/11 0002 18 3.73 1.42 1.95 19.32 3.99 100 150 
5/30 0006 18 8.63 1.95 1.00 18.56 8.53 100 500 
5/30 0016 49 8.64 1.00 1.35 46.91 20.40 100 200 
5/30 0019 49 8.64 1.00 1.35 47.01 21.74 100 200 
5/30 0022 49 8.64 1.00 1.35 46.84 27.63 100 200 
2/20 0003 49 8.64 .0287 0.022 50.96 11.94 100 200 
2/20 0004 49 8.64 .0287 0.022 49.02 13.66 100 200 
2/20 0014 4 11.25 N/A 0.022 4.47 3.41 100 >1000 
2/20 0021 18 6.10 N/A 0.007 18.60 12.40 100 400 
2/20 0022 18 6.10 N/A 0.007 20.14 11.53 100 300 
 
E.III.iv. data analysis and calculations 
 All calculations were performed using custom-written Matlab programs after converting raw 
deflection data into *.csv files using Asylum software.  Briefly, the code worked as follows: 
1. Height (z) and deflection (d) data were extracted from 50 spreadsheets, each containing 50 
points of indentation. 
2. Unnecessary strings of numbers were trimmed from the ends of each d-z curve, and drift 
was accounted for by fitting a line to the initial part of the curve and subtracting that amount 
from the full curve. 
3. Contact points were determined by looking for a change in the derivative of the d-z curve. 
4. The contact points were converted into a height map after correcting for tilt and filtering 
with an FIR filter (Matlab function filter2).  The height map was exported as an array for 
further analysis. 
5. Post-contact points were isolated from the d-z curve and used to calculate indentation () 
and force (F). 
6. Young’s modulus was calculated for each point of the F- plot using a sharp cone model of 
indentation [Domke and Radmacher 1998] and a blunt, rounded cone model [Costa and Yin 
1999].  The elasticity maps were exported as cell arrays for further analysis and 
visualization. 
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 A modified version of this program was used to calibrate probe sensitivity.  Using 
preliminary height maps, the above procedure was applied to a 6x6 array of spots on the backfill 
using various values for probe sensitivity.  Those values were adjusted until the mean Young’s 
modulus of the array at 100 nm depth (using the blunt cone model) matched bulk measurements. 
 A second program was written for further processing and visualization of height and 
elasticity maps.  Extremely high outlier values of Young’s modulus were detected if they were more 
than 3 times the mean value of the entire map, then replaced with an average of the measurements at 
four surrounding spots.  Both the height and Young’s modulus maps were smoothed using the 
‘filter2’ function, a finite impulse response filter. 
E.III.v. sensitivity analysis 
In order to illustrate how parameters in the above calculations influenced Young’s modulus, 
we systematically varied four critical inputs and plotted the results using a single, typical dataset.  
Figure E.4, below, shows the effects of varying the two parameters that are calibrated for each probe.  
The spring constant, determined using thermal calibration, was varied between 0.5 and 2.0x it’s 
reported value.  This had a moderate influence on Young’s modulus.  Cantilever sensitivity, however, 
had a huge influence on Young’s modulus.  Traditionally, sensitivity is determined by indenting into a 
rigid surface and fitting the resulting curves.  However, this was not possible with our samples, so we 
determined sensitivity from curves against backfill polymer.  Altering the sensitivity had a massive 
influence on Young’s modulus.  This was the single most critical parameter tested. 
We also tested two parameters drawn from probe manufacturer specifications [Bruker] 
(Figure E.5).  Bruker lists the nominal tip radius as 20 nm, with a maximum of 60 nm.  Of course, the 
tip can be worn down further during testing.  Tip radius had a large influence on Young’s modulus 
calculated with the blunt cone model, and significant differences are seen even between 20 and 60 
nm.  Angles were reported with ± 2° tolerance, ranging from 25° at the back to 15° at the front.  
Because the probes were mounted at an angle with respect to the substrate, these likely even out to 
roughly 20° in practice.  We used the side angle measurement, 17.5°, in our calculations, though 
ultimately this assumption had little to no influence on Young’s modulus.  Unlike the factors 
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described in Figure E.4, tip radius and angle could only be verified by placing used probes in a 
scanning electron microscope, which is difficult and costly. 
 
 
Figure E.4. The influence of two cantilever properties on AFM analysis.  Stiffer 
spring constants lead to higher forces at each point of indentation, leading to higher 
estimates of Young’s modulus.  Higher levels of cantilever sensitivity lead to lower 
deflection at each point.  Errors in sensitivity ultimately had the most impact on 
Young’s modulus. 
  
 
 
 
Figure E.5. The influence of tip geometry on AFM analysis.  Bruker MCLT tips have a 
nominal radius of 20 nm, with a maximum of 60.  Tip radius has a large influence on 
Young’s modulus calculated using a blunt cone model.  MLCT tips had nominal back 
angles of 25° and front angles of 15°, though the probes themselves were angled in 
the AFM.  Varying the angle between these values resulted had very little impact on 
Young’s modulus. 
 
 164 
 
 
E.IV. Finite Element Model Development 
E.IV.i. hypothesis 
We hypothesized that wells formed in printed PAm spots as a result of the backfill shrinking 
during exposure.  To test this, we used finite element modeling (Abaqus version 6.11-1) to simulate 
this contraction.  The hydrogel was modeled with thermo-mechanical elements.  Material properties 
were drawn from bulk mechanical measurements (Young’s modulus and Poisson’s ratio), literature 
(conductivity, density, and specific heat), and the calibration model described below (expansion 
coefficient). 
 
Table E.2. FE parameters for calibration model 
property PAm –gly PAm +gly coverglass 
mass density (kg mm-3) ‡ 1.052 e-6 1.052 e-6 2.18 e-5 
Young’s modulus (MPa)* .004/.018/0.49 .002/.015/0.44 68,000 
Poisson’s ratio* 0.33 0.36 0.19 
reference temperature (K) 293 293 293 
coefficient of thermal expansion CAL CAL 10 e-10 
conductivity (W mm-1 K-1) † 0.60 e-3 0.60 e-3 1.38e-3 
specific heat (Jg-1K-1) † 4.18 4.18 4.18 
* values determined experimentally from bulk testing 
† values from MatWeb entries for silica glass and water 
‡ values estimated from value of unpolymerized polyacrylamide (1.04e-6 [Bio-Rad]) 
and glycerol (1.26e-6 [MatWeb]). 
CAL values calibrated using model (see below)  
 
E.IV.ii. calibrating the finite element model 
 The thermal material properties were determined from bulk measurements of hydrogel 
shrinkage.  First, we needed to measure how much the backfill shrank during exposure.  Sixty µl 
droplets of each prepolymer (the same volume typically used to backfill a patterned region) were 
placed on an acryl-silanated coverslip and flatted with a 12 mm-diameter fluoro-silatated coverslip.  
The sample was positioned on a stage between a CCD camera (Lumenera Infinity 2-2) with an 
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Edmund Optics high magnification lens and a light source (Edmund Optics).  A high-intensity, 365 nm 
UV light source (Dymax BlueWave) was positioned 10 cm above the sample (Figure E.6).  Images 
were collected immediately before and every 10 s during a 90 s exposure.  Evaporative loss from 
sandwiched hydrogels, as opposed to exposed ~0.5 µl hydrogel droplets, was negligible (Figure E.7). 
 
 
Figure E.6. Photograph of experimental setup to measure shrinking droplets and 
sandwiched hydrogels during UV exposure 
 
 As a first round of tests, we measured the shrinking of micropipetted droplets (>1 
mm in diameter) over the course of 85 s with and without being exposed to UV light.  Both 
diameter (Figure E.7.a) and height (Figure E.7.c) of droplets formulated to be 18 kPa shrank 
due to evaporation alone.  Including glycerol did not change the loss in diameter (p = .5168), 
but did help mitigate loss in height (p = .0017).  Shrinkage, as measured by % of the original, 
did not correlate with either the raw dimensions of the original diameter (p = .3268) or 
height (p = .5423), indicating that evaporation affected all sizes of drops equally despite 
differences in surface area.  UV-induced diameter shrinking (Figure E.7.b) depended on the 
stiffness (p = .0002), the presence of glycerol (p = .0040), and their interaction (p = .0394).  
Glycerol moderated shrinking, and stiffer prepolymers shrank less than softer after 85 s UV 
exposure.  Droplets with glycerol shrank to 93.1 ± 2.65% of their original diameter, which 
nearly matched the 93.3 ± 1.93% shrinking from evaporation only.  Height shrinkage 
showed no apparent dependence on glycerol (p = .3690) or Young’s modulus (.0244).   
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Droplets with glycerol shrank to an average of 86.3 ± 5.51% of their original height, while 
the loss to evaporation was 93.8 ± 1.51%.  We concluded that most of the loss in volume 
could be attributed to evaporation alone, with some additional height loss due to long 
exposures.  As the inclusion of 20 vol.% glycerol helped mitigate a few measures of 
contraction, we decided to include it in our ink formulations. 
  
 
Figure E.7. Measurements of pipetted droplet shrinkage during due to evaporation 
(a,c) and exposure (b,c).  (a) Diameters collectively shrank to 92.7 ± 2.37% of their 
original dimensions due to evaporation over 85 s.  (b) Diameter contraction during 
UV exposure depended on both the Young’s modulus and the presence of glycerol.  
Droplets with glycerol matched the shrinkage from evaporation only, while those 
without shrank to a greater extent.  (c) Height loss from evaporation alone 
averaged 93.8 ± 1.51% of the original measurements when gels contained glycerol 
and 88.4 ± 1.30% when they did not.  (d) Height contraction during exposure did 
not depend on either glycerol or Young’s modulus, averaging 84.8 ± 4.16%. 
  
We hypothesized that shrinkage in the backfill caused droplet liftoff, so we designed 
experiments to measure contraction of gels with similar volume and geometry.  Three replicates of 
60 µl-volume droplets and 3 replicates of 20 µl droplets were used to calibrate the thermal expansion 
coefficient for 18 kPa hydrogels without glycerol.  Axisymmetric, 6mm-diameter FE models were 
constructed for each sample based on the relative coordinates at the top corner, bottom corner, and 
center of the hydrogel were recorded from each pre-exposure image.  The difference (in mm) 
between the center coordinate (see the circles overlaid on Figure E.8.a-b and E.8.e-f) after 85 s 
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exposure and the model after contraction was used to calibrate the coefficient of expansion.  Figure 
E.8.i and E.8.k, below, show that a coefficient of expansion of -2 x10-4 matches measurements from 
60 µl samples.  In these samples, the top and bottom corners of the hydrogel did not move.  In the 
thinner, 20 µl samples, the hydrogel slid along both the top and bottom coverslips.  Our model, which 
assumes that the hydrogels are pinned to both coverslips, does not allow for this behavior.  However, 
simply subtracting the displacement of the top point from the displacement of the center point gives 
us a ‘corrected’ displacement that agrees perfectly with 60 µl samples. 
 
Figure E.8. Photographs of a 60 µl sample gel at 5 s (a) and 85 s (b) UV exposure and 
corresponding finite element models (c,d).  (e-h) Images and FE analysis of 20 µl 
samples.  The displacement of the center of the gel (solid circle to dotted circle) was 
used to determine the coefficient of thermal expansion for FE modeling.  (i) A 
coefficient of 2 e-4 matches experimental measurements in 60 µl samples.  (f) The 
raw displacement of the center point is greater than in 20 µl samples, however, the 
hydrogel slips along the top and bottom coverslips during exposure.  When this slip 
is corrected for, (k) FE models predict the same coefficient of expansion as the 60 µl 
samples. 
 
finite element model boundary conditions 
 We constrained the top and the bottom of the model with pins (Figure E.9.a).  The top and 
bottom of the backfill were constrained with pins.  An early test showed no difference between 
defining this boundary as a tie vs. a roller (Figure E.9.b).  Boundary conditions that allowed 
displacement in Y at the top edge, either by leaving the top edge unconstrained or by pinning it to a 
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slab representing a coverslip, resulted in significant vertical shrinking.  As no vertical shrinking was 
measured in the calibration tests described above, we decided to continue using the simpler, two-pin 
model. 
 
 
Figure E.9. (a) Illustration of FE model mesh and boundary conditions.  Droplets 
were 10 µm in diameter, and the backfills were 100 µm square.  The top and bottom 
of the backfills were pinned in place.  Note that the droplet was not constrained on 
the bottom.  The interface between the droplet and fill was defined as a tie 
constraint.  Dashed line denotes axis of rotation.  (b) Model results did not change 
when the fill boundaries were defined as rollers (Y=0) instead of pinned (X=Y=0). 
 
alternative hypotheses for droplet-topographical patterning 
 The other possibilities reasons for microwell formation were ruled out.  We first suspected 
that the droplets with glycerol might have a different swelling ratio than those without.  In other 
words, the patterned hydrogel started out flat, but after washing through with PBS, the backfill 
swelled to a greater extent than the spots.  This hypothesis was rejected after AFM measurements 
showed that microwells formed even after backfilling with a glycerol-containing hydrogel.  
We also suspected that the droplets, as a result of cumulatively longer exposure times and 
the presence of glycerol, more strongly adhered to the substrate.  In this case, when we peeled the 
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backfill off, instead of pulling along the droplet-substrate interface, we were actually tearing through 
the droplet and leaving some residue behind.  Indeed, we observed fluorescent residue on wafers 
after peeling.  The residue appeared more to be liquid droplets (read: unpolymerized solution with 
fluorescent acrylate) rather than a more uniform disk of solid material that would be left behind after 
tearing such as we saw in Figure E.2. 
 
 
Figure E.10. Schematic and detail of fluorescent residue left over from a relatively 
large spot after peeling. 
 
 
 
 
 
